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Second-harmonic generation (SHG) imaging has high specificity to collagen, sub-micrometer 
resolution, and optical sectioning capability. It is applied to various unstained collagenous 
specimens to explore the microstructure. Since collagen is one of the most abundant proteins in 
biological tissue, understanding its spatial organizational structure could lend insight into its 
intrinsic mechanical properties and thus its potential function in various biological systems. It 
therefore is important to extract information on collagen organization from the obtained SHG 
images quantitatively.  
Previously, our group, the PROBE Lab at Illinois, developed a technique using (spatial) Fourier 
transform combined with SHG imaging (FT-SHG) to measure the collagen fiber orientation 
quantitatively. Recently, I expanded this approach by adapting new parameters on two-
dimensional (2D) images and significantly broadening the three-dimensional (3D) analysis of 3D-
SHG images. Ultimately, these parameters such as circular and spherical variance become the 
building blocks for a catalog of useful quantitative SHG metrics. In this thesis, I identified 
measures and introduced the corresponding quantitative metrics for both 2D and 3D analysis of 
volumetric SHG images of collagen structure in various tissues. This work was applied to 
quantitatively categorize collagen fiber crimping, examine collagen fiber damage, growth and 
where possible, find correlations of the collagen structure with the mechanical properties of the 
tissue. 
In an initial study, I quantitatively characterized crimp patterns occurring in ligament tissue 
using SHG microscopy. I developed a simple algorithm using FT-SHG to quantitatively classify 
the fiber crimp patterns in ligament into three classifications based on the collagen fiber alignment 
and crimp direction. The algorithm considered the non-collagenous regions and the collagen fiber 
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alignment in the 2D-SHG images of the 3D stack. This work revealed the 3D structural variation 
and the underlying helicity in the crimp patterns. 
In another study, I applied quantitative 3D-SHG imaging of collagen fibers to assess potential 
damage induced by electron-beam (e-beam) irradiation from environmental-scanning electron 
microscopy (ESEM). In this case, the 2D metrics employed to analyze the structural alteration of 
tissues were obtained by measuring the SHG signal intensity and the intensity distribution in the 
spatial-frequency domain. SHG images obtained before and after ESEM e-beam exposure in low-
vacuum mode, disclosed evidence of cross-linking of collagen fibers. Meanwhile, wet-mode 
ESEM appeared to radically alter the structure from a regular fibrous arrangement to a more 
random fiber orientation. This work provided insight on both the limitations of the ESEM for tissue 
imaging, and the potential opportunity to use as a complementary technique when imaging fine 
features in the non-collagenous tissue samples. 
Lastly, I expanded the quantitative SHG analysis in three-dimensions to assess the 3D collagen 
organization in a manner that is consistent with direct observation from images, and applied this 
analysis on complex 3D collagenous structures. The algorithm that analyzes the 3D fiber 
organization simulated five classifications of fiber organization that are in natural tissues. The 
quantitative metrics used were based on 3D fiber orientation and spread to differentiate each 
classification in a repeatable manner. As a validation process, I applied SHG images of tendon 
tissue cut in specified orientations and found a strong agreement between the classification 
algorithm and the physical fiber structure. My 3D fiber analysis approach was further expanded to 
mouse bile ducts at different stages of growth. It was found that the obtained 3D parameters 
gradually changed with age, indicating as the fibers grow, the collagenous volume and the amount 
of fiber crimping increases. In yet another study, I have adapted my 3D-SHG analysis method to 
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analyze localized regions of rat cervix tissue, the results of which have been co-registered with the 
corresponding measured mechanical properties obtained via nanoindentation. The 3D-SHG 
parameters obtained were found to be significantly different in distinctive spatial regions of the 
cervix, and the results from the SHG data were found to be positively correlated with the 
mechanical properties. This work has the potential to contribute to understanding of collagen 
remodeling in cervix during pregnancy, and thus this could lead to developing improved methods 
for preterm birth prediction. 
Finally, I discussed the future directions of the quantitative 3D-SHG image analysis, and the 
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CHAPTER 1. INTRODUCTION 
 
Due to advancement in laser technology using ultrashort pulses, non-linear optical phenomena 
such as second-harmonic generation (SHG) became accessible to researchers in various 
experiments starting from the 1960s [1]. SHG is a second-order non-linear optical process 
occurring in a non-centrosymmetric medium (or sample), where the signal generated as a result of 
this process is at half the wavelength of the incident optical field [1,2]. As a microscopy technique, 
SHG imaging has become increasingly used on biological tissue samples. This is because SHG 
microscopy has various advantages including sub-micrometer spatial resolution, optical sectioning 
capability, and high specificity to collagen [2,3]. This specificity makes SHG imaging unique since 
collagen is one of the most abundant proteins in biological tissue [4] and is the primary load 
bearing component making it responsible for the biomechanical function in many types of tissues 
[5,6]. Thus, it is necessary to quantitatively analyze the obtained SHG images, which relays 
information about the collagen structure.  
Most SHG microscopy studies have been conducted qualitatively [7–9], which refers to 
observing and analyzing SHG images with no or trivial subsequent quantitation (e.g., for digital 
image enhancement techniques). Solely for visualization purposes, qualitative imaging may be 
sufficient. However, by a lack of quantitation, images are evaluated subjectively by the individual 
observer, and could prevent accurate and standardized assessment from measurements.  
Initial approaches to extract quantitative parameters from fibrous microstructural images 
primarily measure the SHG signal intensity, which includes the forward-to-backward propagating 
signal ratio [10,11], as well as the ratio to other fluorescence techniques [12,13]. These parameters 
are related to properties such as collagen density and fiber packing. There have also been studies 
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using basic morphological features such as fiber diameter [14], orientation [15], and collagen area 
fraction [16].  
Notwithstanding the significance of these studies, there is very limited research that analyzes 
and quantifies the mechanically significant features such as crimping or cross-linking occurring 
on the collagen fibers. Since collagen, along with elastin fibers, contributes significantly to the 
mechanical strength of the overall tissue [17,18], characterizing mechanically significant features 
in collagen structures is important. In addition, most studies seldom apply quantitative analysis in 
three-dimension. Two-dimensional (2D) images in microscopy have been the standard for 
measuring objects in the image. However, quantitative analysis through 2D images may lead to 
inaccurate results due to the information loss when converting a three-dimensional (3D) object to 
a 2D image. Observing and analyzing tissues in three-dimensions would provide more insight to 
understanding the structure of the tissue while avoiding some artifacts such as surface errors due 
to cutting during tissue preparation. 
Our group (PROBE Lab at Illinois) has previously shown that SHG combined with spatial 
Fourier transform (FT) analysis, FT-SHG, is a simple and powerful tool for analyzing collagen 
fiber organization in tendon [19], bone [5], and breast tissue [20]. Moreover, we have demonstrated 
how to apply FT-SHG on 3D-SHG images [21,22]. 
This thesis focuses on developing new 2D parameters and algorithms using the FT-SHG 
approach and extending the analysis to three-dimensions to quantitatively evaluate the 3D collagen 
spatial organization. This analysis is applied to various collagenous tissues including ligament, 
tendon, bile duct, and cervix and correlates the quantitative measurements with fiber damage, 
growth, and mechanical properties of the tissue. Chapter 2 describes the background of collagen, 
SHG and how it is applied as a microscopy technique. In Chapter 3, we discuss applying SHG 
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microscopy to analyze the collagen fiber crimp pattern in the porcine ligament using quantitative 
information determined in the Fourier domain [23]. Chapter 4 explores quantitatively assessing 
the effect of the electron-beam (e-beam) exposure to collagen fibers in tendon tissue by using SHG 
imaging [24]. Chapter 5 summarizes the 3D-image analysis, which can quantitatively assess 
different types of collagen organization. The 3D-image analysis is applied to mouse bile duct and 
rat cervix in Chapter 6 and Chapter 7 to explore how the fiber growth and measured mechanical 
properties are correlated to the 3D collagen structure. Lastly in Chapter 8, the quantitative SHG 
metrics that are identified to be useful in each application are tabulated in the conclusion and some 





















Collagen is the most prominent protein in human bodies making up to around 30% of all the body’s 
protein. It is the main component of the extracellular matrix (ECM) and can be found in various 
tissues such as tendon, skin, and bone. The molecule structure also known as tropocollagen, 
comprises three polypeptide chains arranged in a triple helix format [25–27] illustrated in Fig. 2.1 
where each polypeptide chain has amino acids. The tropocollagen molecule is 300-nm long and 
1.5 nm in diameter. Depending on the amino acids and how crystalline they are, collagen is 
separated into more than 25 different types. For example, collagen type I has a heterotrimeric 
chain, whereas collagen type II has a homotrimeric chain, indicating three α-chains forming the 
triple helix molecule. 
 
 
Figure 2.1: Collagen molecule showing a 
triple helical structure. Adapted from [26]. 
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The collagen molecules congregate into different forms such as fibrils, mesh-like network, and 
beaded filaments [28]. The fibril-forming collagen will be the focus of this thesis. Fibrillar collagen 
is a long rope-like structure which has a continuous triple helix. The range of the fibril diameter is 
from 50 to a few hundred nanometers and are the elementary building block of the complex 
hierarchical structure. These fibrils assemble into fibers which range from 0.25 – 100 µm. The 
hierarchy of fibrillar collagen structure is shown in Fig. 2.2. 
 
 
 Figure 2.2: Hierarchy of fibrillar collagen. Adapted from [29]. 
 
2.1.2 Function of collagen 
The word collagen comes from the ancient Greek word ‘kolla’, which refers to ‘glue’. This is 
perfectly related to its function to hold the human body together, providing firmness and strength, 
like glue. The mechanical role of collagen varies by the tissue in terms of mechanical stability, 
strength, and toughness. In ligament and tendon, collagen transmits load from muscles to bones 
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and stores elastic energy. This functionality helps us walk smoothly without any damage to the 
tissue [30]. Also, in bones and dentin, collagen provides the fracture resistance and tensile stiffness 
[30,31]. Collagen also is in skin to provide a firm structure and is responsible for wrinkles during 
aging since the collagen production decreases, which weakens the connection [32]. As such, each 
tissue has a different mechanical requirement such as some need to be elastic and store mechanical 
energy, while other tissues have to be stiff and tough; collagen changes based on this requirement.  
Also, the collagen structure in ECM is responsible for various cellular activities such as cell 
attachment, differentiation, migration, and survival [33,34]. Specifically, studies have proven that 
the collagen network in ECM directs tumor cell migration [35] and orientation of collagen fibers 
promote cell and collagen interaction [36]. Also, researchers have revealed that the collagen 
environment affects the proliferation in certain cells such as human skin fibroblasts [37]. 
Mutations in the structure of collagen are associated with various types of diseases. In bone, 
collagen crosslinking and fibril size decreasing affect the bone stiffness and the resistance to 
fracture, thus leading to osteoporosis and osteogenesis imperfecta [33,38]. In addition, the collagen 
structure in cornea degrading due to the mutations in structure and composition may result in 
keratoconus, where the cornea bulges to a cone-like shape [39,40]. Also, collagen is related to 
fibrotic disorders, tumor stroma, and fibrosis due to the synthesis rate imbalance and breakdown 
[41]. 
 
2.2 Second-harmonic generation 
2.2.1 Introduction 
When an electric field (?⃗? ) is applied to a material, it will have an optical response, polarization 
density (?⃗? ). The polarization density is the sum of the dipole moments. When the applied electric 
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field is small, then the applied field and polarization density has a linear relationship as shown in 
equation 2.1 
 
 ?⃗? = ?⃗? (𝐿) = 𝜀0𝜒
(1)?⃗?  (2.1) 
 
where 𝜀0 is the permittivity in free space and 𝜒
(1) is the linear susceptibility and has a relation with 
the material refractive index as 𝑛 = √1 + 𝜒(1). The linear optical properties can also be explained 
as the classical harmonic oscillator, where the mass suspended on a spring is analogous to the atom 
surrounded by the electron cloud. The applied force to a harmonic oscillator to stretch the spring 
is equivalent to the applied electric field, forming a displaced electron cloud [42].  
When a higher electric field is applied, comparable with the interatomic field, the non-linear 
terms come into play as in equation 2.2. This includes the second harmonic term indicating second-
harmonic generation (SHG). 
 
 ?⃗? = ?⃗? (𝐿) + ?⃗? (𝑁𝐿) = 𝜀0(𝜒
(1)?⃗? + 𝜒(2)?⃗? 2 + 𝜒(3)?⃗? 3+. . . . . . ) (2.2) 
 
𝜒(𝑛) is the non-linear susceptibility and is a n+1 order tensor. 
On the energy diagram [Fig. 2.3], SHG is described as two photons exciting the sample 
simultaneously to virtual state and generating a single photon, which is exactly the two times the 
frequency as the incident photons [Fig. 2.3(a)]. As compared to two-photon-excited fluorescence 
(TPEF) illustrated in Fig. 2.3(b), there is no energy absorption onto the sample, making it a 




Figure 2.3: Energy diagram of (a) SHG and (b) TPEF. 
 
2.2.2. Wave equation for SHG 
In order to mathematically describe the SHG signal propagate through media, we begin with 
Maxwell’s equations: 
 
 ∇ ∙ ?⃗? = ⃗  (2.3) 
 ∇ ∙ ?⃗? = 0 (2.4) 
 





∇ × ?⃗? = −
𝜕?⃗? 
𝜕𝑡
+ 𝐽  
 
(2.6) 
where ?⃗?  is the electric flux density, ?⃗?  is the magnetic flux density, and ?⃗?  is the magnetic field. ⃗  
and 𝐽  are the free charge and current, respectively, and since we assume that there is no free charge 
and current in the sample, both become 0. Also, the electric and magnetic flux density is related to 
the fields as follows: 
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?⃗? = 𝜇0?⃗?  (2.7) 
?⃗? = 𝜀0?⃗? + ?⃗?  
 
(2.8) 
where 𝜇0 is the magnetic permittivity. To drive the wave equation, we take the curl on equation 
(2.5) and since ∇ × ?⃗?  is interchangeable with 𝜇0
𝜕?⃗? 
𝜕𝑡
 we can obtain 
 
∇ × ∇ × ?⃗? + 𝜇0
𝜕2?⃗? 
𝜕𝑡2
= 0     . (2.9) 
 





     . (2.10) 
 
Thus, after applying equation (2.8), (2.10), equation (2.9) can be rewritten as 
 










     . (2.11) 
 
This is the general form of the wave equation. To further simplify the wave equation, we can apply 
vector algebra to convert ∇ × ∇ × ?⃗?  to ∇(∇ • ?⃗? ) − ∇2?⃗?  and due to the slowly varying amplitude 












     . (2.12) 
 



















     . (2.13) 
 
Considering the relative permeability 𝜀𝑟 =  𝑛
2 = 1 + 𝜒(1) and applying equation (2.1), equation 










     . (2.14) 
 
This is the non-linear wave equation. For second-harmonic generation, the electric field in space 
and time can be considered as 
 
𝐸1⃗⃗⃗⃗ (𝑧, 𝑡) = 𝐴1𝑒
−𝑖(𝑘1𝑧−1𝑡) + c. c (2.15) 
 
where 𝐴1 is the amplitude of the electric field, z is the propagating direction, 𝑘1 is the z-component 
of the wave vector and c. c is the complex conjugate. The subscript 1 refers to the property at 
wavelength, 1. Also, the second-order induced polarization density ?⃗? 
(2) can be written as 
 
?⃗? (2) = 𝜀0𝜒




where 𝑑𝑒𝑓𝑓 is the effective scalar value for the second-order susceptibility, 𝜒
(2). For SHG, the 
second-order polarization can be expressed as 
 
𝑃2⃗⃗⃗⃗ = 𝑃2𝑒
−𝑖2𝑡 + c. c (2.17) 
 
where 2 = 21. After applying equation (2.15), (2.16), and (2.17) to the non-linear wave 
















] 𝑒−𝑖(𝑘2𝑧−2𝑡) + c. c = 
 




























2𝑒−𝑖(2𝑘1−𝑘2)𝑧     . (2.20) 
 
2.2.3 Phase matching condition 


















)     . (2.21) 
 
Due to the fact that the intensity is the magnitude of the time-averaged Poynting vector, 
 
𝐼 = 2𝑛𝜀0𝑐|𝐴|
2  (2.22) 
 
the intensity of 2, the SHG intensity, can be expressed as  
 
𝐼2 = 2𝑛2𝜀0𝑐|𝐴2|































∆?⃗? = 2?⃗? 1 − ?⃗? 2 (2.24) 
 
which is known as the phase or momentum mismatch. Therefore, the SHG intensity 𝐼2 is 
proportional to the sinc function and is maximum when ∆?⃗? = 0. This is known as perfect phase 
matching in SHG. For the perfect phase match to occur, the refractive indexes should also be the 
same, 𝑛1 = 𝑛2 resulting in a non-dispersive material. For dispersive materials, perfect phase 
matching can be achieved by adjusting the polarization of the incident light in uniaxial birefringent 
crystals such as potassium dihydrogen phosphate (KDP) and barium boron oxide (BBO) [3]. 
 
2.2.4 Relaxed phase matching 
Perfect phase matching is a special case and in most materials including biological samples, the 
refractive index n varies on different wavelengths (𝑛1 ≠ 𝑛2) [43]. Also, the molecules are not 
perfectly aligned in a regular format like birefringent crystals. In these cases, ∆𝑘 cannot be 0 and 
this is called the relaxed phase matching condition. We introduce the coherence length (𝐿𝑐𝑜ℎ) 



























The 𝐿𝑐𝑜ℎ varies from 5 to 15 𝜇m in biological tissues and 30 𝜇m in water [44]. When the sample 
has a periodic arrangement which matches with the 𝐿𝑐𝑜ℎ, the SHG is consistently constructive 
along the propagation direction. This is called quasi-phase matching [3]. 
Because of the randomness of biological tissues, ∆𝑘 is not a single value and a distribution and 
the SHG intensity, 𝐼2,  is the total sum of all the ∆𝑘 contributions. To examine how the ∆𝑘 values 
affect the SHG intensity, we can mathematically compare how different the SHG intensity is in 
∆𝑘1 and 2∆𝑘1 as a function of propagation length 𝐿. The result shows that the maximum SHG 
occurs by ∆𝑘1 at 𝐿𝑐𝑜ℎ, while the SHG by 2∆𝑘1 is only half the value and oscillates in a sinusoidal 
fashion due to its shorter 𝐿𝑐𝑜ℎ. Therefore, in the domain of the order of the 𝐿𝑐𝑜ℎ, the SHG will 
mainly come from the smaller ∆𝑘, which comes from the dispersion in the material [3].  
 
2.2.5 Non-centrosymmetry 
To make SHG occur, the crystal structure of the sample has to be non-centrosymmetric. 
Centrosymmetry refers to a structure having an inversion point shown as Fig. 2.4. Thus, non-




Figure 2.4: Centrosymmetric example with an inversion point. 
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Mathematically, a centrosymmetric medium is analyzed as, when the applied electric field at a 
location (x, y, z) has a polarization density ?⃗? , then the electric field applied at (−𝑥, −𝑦, −𝑧) should 
have −?⃗? . Since the electric field ?⃗?  is squared, the only case when ?⃗?  and −?⃗?  can be equal is when 
the second order susceptibility is 0. Thus, only non-centrosymmetric material can have a non-zero 
second-order susceptibility. This is demonstrated as 
 
?⃗? = 𝜀0𝜒
(2)?⃗? 2 = 𝜀0𝜒
(2)(−?⃗? )2 = −?⃗?      . (2.27) 
 
Non-centrosymmetric structures include KDP or BBO crystals but also exist in biology such as 
collagen fibers [45], myosin [46], and microtubules in cells [47]. 
Researchers have pointed out the collagen molecules are arranged to have pseudo-tetragonal 
packing structure, which is verified by X-ray scattering [48,49]. However, on the order of the SHG 
microscopy illumination wavelength (700~800 nm), the local symmetries disappear and collagen 
is generally viewed as a cylindrical symmetry [50]. Therefore, collagen has a non-centrosymmetric 
structure and has an SHG signal.  
 
2.2.6 Directionality 
In ideal case, the SHG signal propagates in the forward direction, the same direction as the input 
light. This is because in the perfect phase match condition, ∆?⃗? = 0, ?⃗? 1 and ?⃗? 2 have to be in the 
same direction thus, the SHG signal is in the same direction as the incident light. This is 






Figure 2.5: Forward SHG due to phase matching. 
 
In some cases, there is also backward SHG signal, which is the reverse direction of the incident 
light. This can be explained in a few ways. Since SHG is a momentum conservation process, for 
the relaxed phase matching, ∆𝑘 ≠ 0, the SHG efficiency in the forward direction decreases, which 
indicates that the backward SHG is generated [51]. To form backward SHG, the sample has to 
provide a sufficiently large enough axial momentum, K, to change the direction of the photons 
propagating. Thus, the relaxed phase matching condition in the forward and backward case can be 
written as follows: 
 
∆?⃗? 𝑓 = ?⃗? 𝑓 − (?⃗? 2 − 2?⃗? ) (2.28) 
∆?⃗? 𝑏 = ?⃗? 𝑏 − (?⃗? 2 + 2?⃗? ) 
 
(2.29) 
where ∆?⃗? 𝑓, ∆?⃗? 𝑏 represent the phase mismatches for the forward and backward SHG generation, 
respectively. ?⃗? 𝑓 and ?⃗? 𝑏 are the axial momentum for forward and backward direction. Compared 
to forward scattering, backward scattering needs a higher axial momentum, thus, 𝐾𝑏 > 𝐾𝑓. This 
implies ∆𝑘𝑏 > ∆𝑘𝑓 according to equation 2.28 and 2.29. As a result, forward SHG has a longer 
𝐿𝑐𝑜ℎ than backward SHG. As previously discussed in Section 2.1.4, small ∆𝑘 elements dominate 
the SHG intensity in the order of its 𝐿𝑐𝑜ℎ and this is essentially referring to the forward SHG. On 
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the other hand, backward SHG occurs when the size of the domain is smaller than the forward 
𝐿𝑐𝑜ℎ and comparable with the backward 𝐿𝑐𝑜ℎ. This indicates that backward SHG, compared to 
forward SHG, is more sensitive to fine features on the sample which are in the range of the 
backward 𝐿𝑐𝑜ℎ. 
In addition, when the incident light with a Gaussian profile is tightly focused by a high NA 
objective lens, phase retardation of 𝜋 occurs in the focal volume, a phenomenon known as Gouy 
shift [2]. Due to the phase lag in the incident light, the forward SHG starts to propagate at an angle 
and can eventually propagate backward depending on the molecular distribution [2]. 
Lastly, backward SHG is generated due to the forward SHG scattering backward [Fig. 2.6]. The 
forward scattered SHG loses phase information so is no longer coherent and becomes significant 
when the sample is thick [52–55], generally thicker than 100 μm. This is because, once the sample 
is thick, there is more space of the forward SHG to scatter backward. In contrast, for thin tissue 
sections, the majority of the forward SHG propagates towards the boundary of the tissue without 
scattering backward. Generally, backward SHG is a combination of the backward generated SHG 
and the backward scattered SHG. Researchers [56,57] have developed methods to measure the 
backward generated SHG versus backward scattered SHG and concluded that the and the 
percentage of each backward SHG depends on the thickness of the tissue, the optical components 




Figure 2.6: Backward SHG formed by forward 
SHG scattering backward. Adapted from [58]. 
 
2.3 Second-harmonic generation microscopy  
2.3.1 Advantages 
As an imaging technique, SHG microscopy is advantageous in many aspects. The non-linear 
reaction is very unlikely to happen thus to increase the probability, photons should be crowded in 
a limited volume. This is possible due to using femtosecond pulse lasers with an objective lens. 
Even for using highly advanced equipment, the SHG signal comes from a small volume compared 
on other linear imaging techniques. This is a huge benefit since it provides sub-micrometer spatial 
resolution and allows 3D imaging. The spatial resolution refers to the excitation volume, and 
because of the non-linear optical process, the excitation volume is smaller than the diffraction limit 




















where 𝑤𝑥𝑦 refers to the lateral resolution and 𝑤𝑧 indicates the axial resolution. 𝜆𝑒𝑥𝑡 is the excitation 
wavelength of the incident laser and 𝑁𝐴 is the numerical aperture of the objective lens. 
In addition, the illumination of SHG lies in the therapeutic window, where there is less 
scattering from water and cells [60]. This allows the illumination source to penetrate deeper inside 
the tissue. For regular fluorescence, the emission signal is red-shifted so when illuminating the 
sample in the therapeutic window, the output signal will be in the near-infrared range, which 
requires a different set of optical components. On the contrary, SHG signal is blue-shifted thus, 
the output signal will be still in the visible wavelength range when illuminating the sample in the 
therapeutic window. The penetration depth using SHG microscopy on tissues have been reported 
as more than 400 µm. 
 
2.3.2 Optical setup 
A typical optical setup is demonstrated as Fig. 2.7. A femtosecond pulse laser is used to illuminate 
the sample. Along the beam path, a pair of lenses are used to expand the beam to fit the back 
aperture of the microscope. For point scan imaging, a Galvo scanner is used. The beam is focused 
down by an objective lens and interacts with the sample. We collect the backward SHG signal 
from the same objective. A dichroic mirror is used to transmit the SHG signal while reflecting the 
incident light. Finally, we use a laser blocking filter to filter out the remaining laser wavelength 
and use a bandpass filter to collect the SHG signal. In the setup shown in Fig. 2.7, since the incident 




Figure 2.7: SHG optical setup. Adapted from [61]. 
 
2.4 Quantitative second-harmonic generation imaging 
2.4.1 Introduction 
By using the advantages of SHG microscopy, there have been a variety of studies on collagenous 
tissue from a biological specimen. Studies conducted on SHG microscopy identify the existence 
of collagen or do a characterization study and observe the structure. For instance, Han et al. [8] 
imaged collagen fibers at different locations of sclera, identifying the sharp bend in collagen fibrils. 
Also, Aptel et al. [7] imaged tendon tissue sectioned at different angles and displayed the 
differences in the SHG images. However, without any quantitation, images can be evaluated 
subjectively by the individual observer and in some cases, an optical illusion effect [62,63] could 
prevent accurate decisions. In Fig. 2.8(a) we see an example of such an effect, whereby a strictly 
qualitative assessment could lead to an inaccurate interpretation. Here, the vertical line in the left 
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image appears to be longer than the one in the right. In Fig. 2.8(b), the center circle diameter in 
the right image appears to look bigger than the one in the left. However, in fact for both sets of 
images, the diameter of the circle and the length of the vertical line are the same, and the 
surrounding features are generating an illusion effect. Therefore, for these examples, a quantitative 
measure of length and diameter of line and circle, respectively, would provide accurate 
morphological information.   
 
 
Figure 2.8: Optical illusion examples. (a) Muller-Lyer illusion and (b) Ebbinghaus illusion. 
 
2.4.2 Previous studies on quantitative SHG 
There have been a couple of approaches to extract quantitative parameters from fibrous 
microstructural images. Initial approaches primarily measure the SHG signal intensity, which 
includes the forward to backward propagating signal ratio [10,11]. Measuring the forward to 
backward ratio is a commonly used parameter due to its simple procedure to measure and its 
connection to useful features of the sample such as fiber packing, diameter, and orientation 
randomness. The relationship between the sample features and the SHG direction is discussed in 
Section 2.1.6. LaComb et al. measured the forward to backward ratio on mouse tissue to 
differentiate normal verses osteogenesis imperfecta [64]. Also, researchers have implemented 
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methods to combine the SHG intensity with other imaging techniques such as autofluorescence 
(AF). Puschmann et al. measured the SHG to AF on skin and was able to distinguish between 
different age groups of tissue [65]. There have also been studies using the morphological features 
such as fiber diameter [14], orientation [15] and collagen area fraction [16] measured using image 
processing tools such as ImageJ by manually selecting single fibers in a region of interest or CT-
Fire, which implements an automated algorithm using the Curvelet transform. Provenzano et al. 
developed a parameter called tumor-associated collagen signatures (TACS), which basically 
measures the fiber orientation in breast tissue which is stretched around a tumor boundary [66]. 
The angle of collagen fibers relative to a line tangential to the tumor boundary was measured by 
imageJ. 
Notwithstanding the significance of these studies, there are still problems to be solved in terms 
of connecting the actual biological function or fiber properties to the measured SHG parameters. 
For instance, collagen fibers along with elastin fibers contribute significantly to the mechanical 
strength of the overall tissue [17,18]. However, as of for now there are limited studies that link the 
parameters captured from the SHG images to the mechanical measurements and also very few 
research quantifying mechanically significant features such as cross-linking or crimp within fibers. 
Also, medical diagnosis such as cancer detection still relies on human (pathologist) judgment on 
thin-cut hematoxylin and eosin (H&E) stained tissue, which is not only time consuming but also a 
non-quantitative process. Although there have been some approaches looking for biomarkers on 
malignant tissue [66], this is only a fraction of the various stages and types of diseases that are 
qualitatively assessed by pathologists. Lastly, most quantitative studies are limited to 2D analysis, 




2.4.3 Fourier transform SHG 
FT-SHG is a quantitative SHG imaging technique which applied FT to SHG images and computes 
the fiber orientation information. FT converts an image from image domain to the spatial-
frequency domain. Images can be basically decomposed into a superposition of harmonic functions 
[67,68] and are identified in the spatial-frequency domain. Specifically, the decomposed harmonic 
functions are the variation of intensity in the image per unit distance [69,70]. In the spatial-
frequency domain, lower frequencies are close to the origin, whereas high frequencies are far apart 
from the origin. By analyzing the intensity distribution in the spatial-frequency domain, our group 
was able to extract the preferred fiber orientation by quantifying the high amplitude spatial-
frequency components.  
Our group applied FT-SHG to horse tendon images to quantitatively differential normal versus 
injured tendon tissue [19]. Also, FT-SHG has been used on cortical bone images to assess the 
collagen fiber orientation and extract age-related variations [5]. Different pathological stages of 
breast biopsies have also been utilized for FT-SHG to distinguish malignant tissue from normal 
tissue [20]. Moreover, our group has introduced how to use FT-SHG to obtain the 3D fiber 
orientation from SHG image stacks and successfully observed in-plane and out-of-plane fibers in 
rat cervix [22]. 
 
2.5 Two-dimensional versus three-dimensional quantitative imaging 
One aspect to consider for quantitative imaging is the dimension of the image. 2D images such as 
drawings and photographs are generally considered as a form of visual expression and 
communication. After the discovery of photography and microscopy, it was soon realized that 
quantitative measurements could be made on objects in the image. However, 2D images have a 
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number of difficulties which come from the fact that the 3D objects are projected down onto a 2D 
image, thus the depth information is lost and generates ambiguity [71]. For instance, a dice has 
different numbers on each side, and when projecting the dice on a 2D image, there is only one side 
seen showing a single number. Thus observers have to guess what numbers on the other sides. In 
microscopy, a 3D image is composed of multiple 2D images as a stack. Therefore a single 2D 
image only carries a fraction of the 3D image. For visualization or entertainment purposes, 2D 
images may be sufficient. However, for quantitative imaging, 3D imaging contains more accurate 
information.  
Even though 3D imaging has various advantages, there is a limited amount of research 
conducted on 3D quantitative microscopy. This is because there are only a few techniques that 
have high axial resolution to generate high-resolution 3D images. This is due to the low axial 
resolution of focused light, incident beam penetration limit, and the interference of the out-of-
focus light coming from other planes. In addition, 2D imaging has been the gold standard for 
measurements in many areas, and so the platform to obtain and subsequently analyze the 3D 
images are not well developed. That is why many studies use 3D-SHG images as a visual 
observation tool of the sample [72,73] rather than a quantitative data set, although SHG has a high 
axial resolution. Lastly, 3D-image analysis is computationally expensive. 
This thesis circumvents these difficulties by using SHG microscopy, which has a high axial 
resolution and thus permits 3D optical imaging. We use simple methodologies such as the fast 
Fourier transform to analyze 3D images and develop 3D parameters that prove to be useful to 





CHAPTER 3. APPLICATION OF QUANTITATIVE SECOND-HARMONIC 




A ligament tissue which links bone to bone is composed of collagen fiber bundles. Its passively 
controls joint motion in response to muscle forces and also transmits force between the bones [74–
76]. Studies show that daily activities apply repetitive and sustained loads up to a quarter of the 
maximum strength of ligament in knee [77,78], and for special cases such as car accidents or sports 
activities can exceed the limit of the maximum strength of ligament [77], resulting in severe 
damage and injury [79]. Hence, accurate mechanical property measurement of ligaments is 
important for establishing appropriate injury prevention strategies and for enhancing surgical 
treatment. The complex wavy crimp pattern in the collagen structural architecture of ligament 
strongly affects the non-linear mechanical property of ligament [80–83], thus it is critical to use 
proper imaging modalities to investigate the crimp pattern. 
Polarized light (PL) microscopy is one imaging method researchers have used to analyze the 
crimp patterns in ligaments [84–88]. PL microscopy utilizes the birefringence of the sample by 
placing the sample between a pair of crossed linear polarizers. The imaging signal becomes highest 
when the fibers in the sample are 45o with respect to the crossed linear polarizers [89]. In a PL 
microscope image of collagen fibers, crimping pattern is shown to have extinction bands. Spenser 
et al. have been able to combine PL microscopy with tensile test and measure quantitative 
parameters such as fiber orientation under different loading conditions and crimp angle [86,87,90]. 
Scanning and transmission electron microscopes are other methods researchers used to image 
This work was previously published in W. Lee, H. Rahman, M. E. Kersh, and K. C. Toussaint, 
Jr. [23], and is adapted here with permission 
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collagen fibers in ligament. Helical patterns of the collagen fibers are revealed and called ‘fibrillar 
crimp’, which indicates fiber undulation in different planes [91–93] [94,95]. Quantitative metrics 
such as the number of crimps, fibril diameter, and fiber arrangement are measured compared on 
the periphery and core region of ligament [94,95]. Notwithstanding the significance of these 
studies, PL microscopy and electron microscopy have low axial resolution, and the sample has to 
go through an invasive sample preparation protocol including fixation, dehydration, and coating 
with conductive medium [96,97]. On the other hand, SHG microscopy has a high axial resolution 
allowing 3D quantitative analysis of collagen fibers and also does not require sample preparation 
methods that can affect the sample. There have been studies using SHG imaging on ligament to 
measure fiber density and orientation to correlate to computed mechanical properties and evaluated 
the effects of smoking [98], laser damage [99] and chemicals [100].  
In this chapter, we analyze the 3D spatial arrangements of collagen fibers in posterior cruciate 
ligament (PCL) using FT-SHG. Previously, Vidal & Mello have applied FT analysis on tendon to 
capture the crimp pattern variability [101,102], however the work in this study is to the best of our 
knowledge, a novel approach to apply FT-SHG to examine the 3D crimp pattern in ligament. Using 
this modality, we are able to define three distinct types of crimp behavior. We believe that our 
crimp pattern analysis could be a key component connecting the structural information to the 
mechanical properties and could aim to predict damage or injury in PCL. 
 
3.2 Methods 
3.2.1 Sample preparation 
We cut five porcine knee PCL specimens (of age six months) into thirds along the proximal-distal 
ligament direction and embedded them in optimal cutting temperature compound [Figure 3.1] for 
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cryo-sectioning. The middle region between the proximal and distal portions was sectioned at 100-
μm thickness by a cryostat (CM3050S, Leica) cut along the collagen fibers. We collected the thin 
sections from between the anterior-posterior regions neglecting the sheath. Next, the tissue 
sections were placed on glass microscope slides before mounting a #1.5 coverslip on top with 
aqueous mounting media. We used tweezers to gently lower the coverslip on the microscope slide 
to avoid any air bubbles forming. After the samples dried, we applied nail polish on the corners to 
seal the samples. All ligaments were provided from the Meat Science Laboratory of the University 
of Illinois at Urbana-Champaign. This study is exempt from the Illinois Institutional Animal Care 
and Use Committee (IACUC). 
 
 
Figure 3.1: (a) Digital image showing PCL anatomy. (b) Cutting of PCL into thirds along the 
proximal-distal direction, and (c) sectioning of the middle piece into 100-μm thick slices. (d) 
Mounting of thin sections on microscope slides with coverslips placed on top for sealing the 
sample. Adapted from [23]. 
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3.2.2 Experimental setup 
Selected fibrous regions were imaged by SHG microscope (IX81, Olympus). We used a tunable 
Ti:Sappphire laser producing 100-fs duration pulses spectrally centered at 780-nm to illuminate 
the sample. A 40X 0.65 NA objective lens (PLAN N, Olympus) focused down the input beam on 
the sample and the same objective collected the backward SHG. A 390-nm bandpass filter was 
placed at the collection beam path to separate the SHG signal from any generated autofluorescence. 
To generate an image, the beam was raster scanned by an x-y galvanometer scanner at ~ 1.1 mm/s 
and the epi-directed-SHG signal was collected by a photomultiplier tube (H10721-110, 
Hamamatsu). The focus drive attached on the objective moves in a step size of 500-nm along the 
z-axis shifting the focus plane to generate the 3D stack. For any single plane, four images were 
stitched together to form a wider area. The size of the obtained SHG 3D-image stacks were 200  
200  30 μm in the x-y-z dimension and the average power of the laser on the sample plane was 
~10 mW.  
 
3.2.3 Image analysis 
The obtained 2D-SHG images were analyzed using a customized MATLAB code to label the 
crimp patterns in each region. The type discerning algorithm [Figure 3.2] first calculated the 
percentage of the dark pixels in the entire image. Those possessing a lower intensity than the dark 
threshold were defined as dark pixels. The dark threshold was a single value applied on the entire 
image segmenting the background to the SHG signal [97]. If the number of dark pixels was less 
than 10% of the entire image, the image was assigned as category A (CAT A) or category B (CAT 
B); conversely, when the number of dark pixels was more than 10% of the region, the image was 
identified as category C (CAT C). Next, spatial FT analysis was applied to the image, generating 
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a spatial-frequency domain image, and the corresponding 2D magnitude spectrum was integrated 
radially from 0o to 360o with a step size of 1o. Radial integration values lower than 30% of the 
maximum value were considered as noise, while those above this threshold were plotted in a polar 
angular plot. If the plotted curve fits strongly with a Gaussian distribution [103,104] (𝑟2 > 0.95) 
it was defined as CAT A. The image was defined as CAT B when the correlation was weak (𝑟2 <
0.95). For CAT C, the identical radial integration process was applied. In the range of 0o to 180o, 
the polar plot with two distinct peaks was further classified as CAT C-2 whereas a single peak plot 
was CAT C-1. The two peaks were defined by fitting a wrapped two-term Gaussian distribution 
and observing the distance of the two means of each peak. The difference of the peak means for 
CAT C-1 was narrower than 35o and wider than 70o for CAT C-2. This classification process was 
applied to all SHG images in the 3D stack. Once the images had a clear tendency towards one type 
of crimping throughout the whole stack, the entire region was assigned that corresponding type. A 
polar plot that represents the 3D stack can be generated by adding all the data points from each 
slice.  
In order to look at the effect of helicity in CAT C-2 images, the crimp angle was obtained by 
measuring the fiber orientation differences of the two neighboring SHG bands. Initially, each 
bright band was isolated, and then FT-SHG was applied to the isolated images to calculate the 






Figure 3.2: Decision process of the image analysis for differentiating each 
crimp type. Adapted from [23]. 
 
3.3 Results and discussion 
Based on observation, the SHG images are categorized into CAT A, B, or C, as shown in Fig. 3.3. 
CAT A is characterized as images with little or no crimps in the fibers. Crimps that are limited to 
in-plane are defined as CAT B. CAT C is images having crimps that are out-of-plane, along the 
third spatial dimension. The fibrous features on the SHG images are considered as ‘fibers’ due to 
the diameter coinciding with previous studies [105] and the probability of each crimp type to be 
detected in the fibrous regions of PCL is comparable. Conventional sample preparation stages such 
as dissection and cutting tissue into slices could alter the original, natural fiber structure of 
ligament. However, we note that structure analysis performed on ex vivo condition is a common 
methodology conducted by many researchers that have been shown to be of value [84,87,94,95,99] 
and the primary focus of this study is to employ SHG imaging to quantify collagen fiber crimping 




Figure 3.3: Three types of collagen fiber crimping in PCL. (a) CAT A has almost no waviness of 
fibers, and the majority of them are in a single orientation. (b) CAT B has in-plane crimps 
broadening the range of possible fiber orientations. (c) CAT C has repeating dark and bright bands 
orthogonal to the fiber direction, illustrating crimps out-of-plane. Scale bar is 20-μm and applies 
to all images. Adapted from [23]. 
 
Figure 3.4 summarizes the results of our FT-SHG analysis on representative crimp patterns for 
CAT A, B, and C. In Fig. 3.4(a) we observe the representative SHG images for each type. We 
confirm that CAT A visually appears to have little to no crimps, while CAT B has an in-plane 
crimp pattern. We observe in Fig. 3.4(a) that CAT C images also have crimp patterns, but with   
significantly more dark (low SHG signal) areas compared to CAT A and B. The dark areas 
represent the out-of-plane crimps and this is due to the fact that the SHG intensity reduces once 
the fibers go out of the image plane and the signal drops significantly when the fibers are 
perpendicular with the image plane [106,107]. For further analysis, CAT C is divided into C-1 and 
C-2, which is based on irregular and regular crimp patterns, respectively.  
The spatial-frequency maps (on a log scale) for the aforementioned crimp patterns are shown 
in Fig. 3.4(b). The insets highlight the low spatial-frequency components in the center of the 
spectrum. For CAT A and CAT B, the preferred fiber orientations observed in Fig, 3.4(a) images 
are readily picked up in the spectral data. In CAT C-1, we observe more spatial isotropy regarding 
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collagen fiber preferred orientation and crimp direction. On the other hand, the spatial-frequency 
patterns for CAT C-2 reveal the preferred orientation of the collagen fibers (similar to the cases of 
CAT A and CAT B) as well as the approximately orthogonal dark bands observed in the CAT C-
2 SHG image. The low spatial-frequency components in CAT C-2 are due to the dark bands. 
Figure 3.4(c) displays the radial integration polar plots, which are the sum of the radial 
integration (obtained from the spatial-frequency data) from each 2D slice within the volume of 
images per crimp category. Note that the actual summed intensities values for the stack are not 
shown in Fig. 3.4(c). The straight fibers in CAT A are characteristic of a single orientation which 
corresponds to a wrapped Gaussian distribution [103,104] in the polar plot (red curve) with 𝑟2 >
0.95. Most of the fibers in CAT A are oriented along ~95o [observed in Fig. 3.4(a)] as confirmed 
by the peak of the corresponding plot in Fig. 3.4(c) being marginally over 90o. On the contrary, 
fibers in CAT B are curled in-plane. In this case, the in-plane crimping add neighboring angles to 
the primary fiber orientation and result in a broader peak in the polar plot. As a result, the radial 
integration distribution regarding CAT B deviates from a wrapped Gaussian distribution and has 
a lower correlation coefficient with 𝑟2 < 0.95. In CAT C, the circular plot from 0o to 180o has 
two peaks for CAT C-2. One of the peaks represents the orientation of the fibers in the CAT C-2 
SHG image, which is along ~110o angle. The other peak corresponds to the direction of the regular 
out-of-plane crimp pattern and appears almost orthogonal from the fiber orientation. The distance 
between the peaks is calculated by fitting a wrapped two-term Gaussian distribution and measuring 
the difference between the means of each term. In terms of CAT C-1, the out-of-plane crimps are 
not clear enough to appear as a peak on the circular plot so there is usually a broad single peak. 
The irregularity of the dark bands in CAT C-1 could be because of the disorder of the crimps 




Figure 3.4: Representative (a) SHG images and the corresponding (b) FT images for each crimp 
type (CAT A, B, C-1, C-2). The insets in the upper left represent a magnified view of low spatial-
frequency components (center pixels in the black box). These images are integrated radially across 
different angles and (c) the resulting integrated values (blue) are plotted in a polar plot format. 
CAT A and B are fitted with a wrapped Gaussian distribution (red), and the correlation coefficient 
is calculated. CAT C-1 and C-2 are fitted with a two-term wrapped Gaussian distribution (red), 
and the number of peaks is detected by measuring the distance between the means of the two peaks. 
For visualization purposes, the FT images are converted to log scale. The scale bar is 40-μm. 
Adapted from [23]. 
 
The samples are also imaged by other linear imaging techniques such as bright-field [Fig. 
3.5(a)] and PL microscopy [Fig. 3.5(b)]. The low contrast in Fig. 3.5(a) results from the unstained 
biological samples having inherently little contrast [109]. These instruments are used for the 
purpose of mapping and selecting areas for subsequent SHG imaging and are described elsewhere 
[61] in more detail. Due to the large tissue size (1.2  1.2 cm), approximately 450 images are 
stitched to generate images with larger fields-of-view. We choose three fibrous regions per sample 
on the bright-field image and collect SHG images on the selected regions. As shown in Fig. 3.5(c), 
33 
 
SHG images illustrate the collagen fiber structure variation along the depth (z-plane) and the 
corresponding assigned type. This structure variation also differs by region. For example, in Fig. 
3.5(d) region 2 has irregular out-of-plane crimps on slice 1 (CAT C-1) but 12.5-μm below the 
plane the pattern appears to be more organized and is categorized as type CAT C-2. 25-μm below 
slice one the out-of-plane crimps disappear, and the plane is classified as CAT B. Other regions 
have less feature variance and the assigned type does not change along the z-axis.  
It is important to note that the optical sectioning capability of SHG imaging [2,21,110] allows 
us to capture the overall 3D structural variations in ligament. SHG imaging can also be applied to 
thick samples by collecting the back-scattered SHG signal [58,111]. There have been studies using 
PL microscopy quantifying crimp organization by measuring the linear birefringence [112], 
however low axial resolution diminishes its ability to observe the 3D structural variation. This 
study focuses on the aforementioned advantages of SHG microscopy, which is suitable for 
revealing collagen fiber structural information. 
Figure 3.6 shows a comparison of ligament SHG images in comparison to bright-field and PL 
microscope images on each region. We note that the relative image locations are not identical 
because of the use of different imaging platforms. However, the regions are chosen where clear 
image fiducials are present, which facilitates co-registration. As a result, each region taken by one 
of the image modalities could be off by less than 150-μm. Bright-field images normally show 
fibrous areas while PL images are all showing out-of-plane crimps (CAT C). For the SHG images, 





Figure 3.5: Images of the entire ligament sample using (a) bright-field and (b) PL microscopy. 
Selected fibrous regions on each sample are imaged with SHG in 3D stacks with the step size of 
500-nm. There is (c) a structure variation along the z-axis shown by SHG images. All slices in 
each stack are distinguished by the flow chart shown in Fig. 3.2 and (d) assigned a crimp type. 




Figure 3.6: Comparison of different imaging modalities on the selected 
fibrous regions in PCL. For the SHG images, a single image is selected as a 
representative from the entire 3D stack. The scale bar is 40 μm. Adapted 
from [23]. 
 
In the CAT C-2 images, we observe a repetitive pattern of alternating fiber orientations [Fig. 
3.7(a)-(b)]. Specifically, the fiber bands in the SHG images have a similar orientation in every 
other band. For example, in Fig. 3.7(a)-(b), the first green arrow from the top along with the third 
and fifth arrows are pointing to comparable directions. This also applies to the second, fourth, and 
sixth arrows. This trend suggests that the fibers are not only out-of-plane crimped but are also in a 
helical crimp pattern [Fig. 3.7(c)]. This is because helical crimps naturally have an out-of-plane 
region once the fibers twist and change directions. The direction shift is repetitive, which leads to 
dark bands and bright bands alternating orientation for CAT C-2 crimps. We indicate these dark 
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and bright regions as blue and yellow boxes, respectively, in Fig. 3.7(a)-(b). Since the low-SHG-
signal areas are relatively large, it can be thought that the twist areas have a planar crimp that 
makes the out-of-plane area extended. We utilize a solder wire to replicate the crimp pattern in 
Fig. 3.7(c). Fig. 3.7(c) also illustrates each individual crimped fiber aligned next to each other 
forming bundles. These bundles of fibers are stacked in layers maintaining its structure. In the 
SHG images, this is shown as no particular change in the crimp pattern throughout the z-stack. The 
observed features in CAT C-2 such as the bright and dark areas and fiber directions remained 
constant even though the depth of focus changes for roughly 20-μm.  
The crimp angle is defined as the angle of the crimp with respect to the horizontal axis [Fig. 
3.7(d)], and thus intuitively crimp angle in our case is equivalent to one half of the angle 
differences between each band. The measured crimp angle (10o~20o) falls into the range with 
previously published data [95,113,114]. 
A direct comparison was conducted on CAT C-2 SHG images using low (0.65) versus high 
(1.4) NA objective lens. Low NA SHG images have a bigger intensity difference between bright 
and dark bands than the high NA images, as shown in Fig. 3.8. This is because high NA objective 
lens focuses the laser more inclined, resulting in stronger z-axis components illuminating the 
sample. Thus, the fibers along the z-axis emit a stronger signal compared to the low NA images. 
This result agrees with our hypothesis stating CAT C-2 is a helical structure, since the helical 





Figure 3.7: Helical crimp pattern in CAT C-2. In (a)-(b) CAT C-2 images, fiber 
orientation shifts in a repetitive pattern. Fibers have a similar orientation in every other 
bright band. Regions in the yellow rectangle have a high SHG intensity indicating the 
fibers are parallel with the image plane. Regions in the blue rectangle have a low intensity 
suggesting that the fibers are oblique or perpendicular with the image plane. (c) Solder 
wires are used to describe the helical crimp pattern with an out-of-plane crimp. (d) 
Schematic demonstrating how the crimp angle is calculated. The scale bar is 20-μm. 
Adapted from [23]. 
 
Previous studies conducted using electron microscopy [91–93] and PL microscopy 
[89,112,116] also identify the helical crimp patterns of collagen fibers. Electron microscopes 
revealed the twisted fibers directly from highly magnified images, and PL microscopy showed the 
helicity of fibers by measuring densitometric features from the birefringence intensity. From the 
helical structure, researchers have suggested they act like a buffer system absorbing load to prevent 
damage that could occur in fibers during elongation [95]. The helical structure has also been 
applied to simulation models [113] and analyzed for applications such as grafts [92,93]. Our results 
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from SHG microscopy brings another modality for imaging the helicity of ligament fibers and 
demonstrates the potential to provide quantitative image data for 3D computational simulations of 
fiber-based anisotropic materials.                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                                           
 
 
Figure 3.8: Comparison of CAT C-2 region with low versus high NA objective 
lens. Scale bar is 25 μm. Adapted from [115]. 
 
3.4 Conclusion 
In conclusion, 2D FT-SHG was applied for the first time on PCL to quantitatively assess collagen 
fiber crimp patterns. The results of our work could be summarized in three major points: First, we 
were able to identify three types of crimping patterns (CAT A, B, and C) in PCL samples. Along 
with FT analysis, a customized code was used to distinguish each type quantitatively. Second, we 
demonstrated the 3D variation of crimp structure using SHG imaging by applying the 2D image 
analysis on each image along the 3D stack. Third, we verified the helical crimp pattern of collagen 
fibers in ligament previously revealed by electron and PL microscopes. Our work takes advantage 
of the label-free, high-contrast, and optical sectioning capabilities of SHG microscopy and could 




CHAPTER 4. ASSESSMENT OF ELECTRON-BEAM IRRADIATION ON 




In scanning electron microscopy (SEM) a raster-scanned e-beam irradiates the sample and the 
resulting secondary and backscattered electrons are detected to form an image of the sample with 
nanometer resolution [117,118]. The high spatial resolution and fast imaging speed (~1000 
megapixels per second) have been applied to a broad range of applications from material science 
to biology [117] to obtain the structural information and precise measurements of the sample in 
nanometer scale. However, the sample needs to be placed in a vacuum chamber in order to prevent 
air molecules from scattering the electrons reaching the sample. Thus, the standard procedure for 
SEM sample preparation usually involves initial dehydration followed by coating with an 
electrically conductive material, which makes it challenging to image biological samples in their 
natural state.  
To mitigate this issue, the ESEM was invented to allow gas inside the sample chamber by using 
multiple pressure-limiting apertures, while permitting the e-beam to remain under high vacuum 
[119,120]. Images are formed by collecting cascaded secondary electrons which are electrons 
formed by the collision of secondary electrons ejected by the sample with gas molecules resulting 
in ionization. The sample chamber pressure and temperature are both adjustable, which result in a 
desired chamber humidity, thereby prohibiting sample drying. Also, the positive ions resulted from 
the gas ionization process reduce the charging effect, which usually occurs on non-conductive 
samples. Thus, ESEM becomes suitable for imaging fully hydrated and uncoated biological 
This work was previously published in W. Lee and K. C. Toussaint, Jr. [24], and is adapted 
here with permission 
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samples, and multiple ESEM studies have reported on the morphological features of mammalian 
cells [121], bone [122], retina [123] and embryo [120]. ESEM imaging has also been applied to 
classify different cell, and tissue types in histological paraffin sections of rat tongue, and the results 
agreed with light microscopy analysis [124]. In addition, ESEM imaging has been able to evaluate 
microstructural damage on potato tubers while researchers have suggested the least destructive 
sample preparation method [125]. 
In general, researchers have found that ESEM produces less e-beam induced sample shrinkage 
and cracking, compared to SEM [121]. Some early attempts to understand the effects of the ESEM 
on biological function observed the continued plant growth [126] and movement of ants [119] after 
e-beam exposure. Other studies have assessed the morphological changes in specimens caused by 
ESEM imaging. In one example, the mean volume of yeast cells was shown to shrink from oval-
shaped to a flattened pattern [121]. In another case, e-beam exposure melted down the wax surface 
layer in plants [127]. Notwithstanding the significance of these studies, damage assessment from 
ESEM has been mostly qualitative, with little work being done at all on the effect of e-beam 
exposure on biological tissues such as collagen. 
In this chapter, we apply quantitative SHG microscopy to investigate the effects of ESEM on 
collagen fibers, which undergo various sample preparation conditions. Quantitative SHG imaging 
is used as a tool to compare nearly identical areas before and after e-beam exposure from an ESEM. 
Selected 2D quantitative parameters are extracted from the SHG images, which reveal the changes 
in unstained porcine tendon structure caused by ESEM, namely, fiber shrinkage, enhanced cross-
linking, and structural damage. We also demonstrate that the higher spatial resolution afforded by 
ESEM, compared to SHG imaging, permits visualization of fine structural details, but the 




4.2.1 Sample preparation 
Porcine feet were purchased from a local abattoir and stored in the freezer (−20oC). Subsequently, 
deep digital flexor tendon tissue was dissected after the samples being thawed overnight.  
For fresh samples, tendon was embedded in optimal cutting temperature compound and cut into 
25-μm thick slices by a cryostat (CM3050, Leica). Slices were mounted on glass slides and were 
frozen or treated by three different levels of drying procedures. Frozen samples were stored in the 
freezer and taken out before imaging. Air-dried samples were left dried in air for at least 24 hours. 
Dehydrated samples were damped in four incremental levels of ethanol (37%, 67%, 95%, 100% - 
three times) for 10 minutes each. Critical-point dried samples went through the aforementioned 
dehydration process before critical-point drying (Samdri-PTV-3D, Tousimis) and lastly were 
embedded in paraffin wax and cut by a microtome (CM3050, Leica) instead of a cryostat.  
To fix samples, we placed the dissected tendon samples in paraformaldehyde for one hour in 
vacuum condition. Air-dried samples followed the same protocol as the fresh samples. The other 
fixed samples (dehydrated, critical-point dried) were conducted as explained previously and 
embedded in paraffin wax as the final step.  
Wet samples remained fresh, without going through any fixation or drying process. To cut thin 
sections, the wet samples were embedded in optimal cutting temperature compound. All wet 
samples slices were cut to a 4  4-mm dimension in order to fit on a custom made 6  6-mm glass 
substrate. To prevent dehydration and decomposition, the samples were kept in a petri dish 





4.2.2 SHG imaging 
A tunable Ti:Sapphire laser (Mai Tai, Spectra-Physics) generating 100-fs duration pulses centered 
at 780-nm wavelength illuminates the sample. The 10-mW power beam was then focused on the 
sample by a 40X, 0.65 NA objective lens (PLAN N, Olympus) and the backward SHG coming 
from the sample was collected by a 390-nm bandpass filter (FF01-390/18-25, Semrock). Wet 
samples were placed on top of a standard microscope slide (25  75 mm) in order to be secured 
fixed on the microscope stage. On each sample, a targeted fibrous area with clear fiducials such as 
edges and wide gaps between fiber bundles was chosen for co-registering the SHG microscopy to 
ESEM. A motorized stage (max5000, Ludl) provided 100 nm resolution translational adjustments 
of the sample on the stage. All samples but the wet were imaged in 3D stacks of dimension 100  
100  15 μm where the step size along the z-axis is 500 nm. 
 
4.2.3 ESEM imaging 
Fresh and fixed samples were imaged with the low-vacuum mode ESEM (Quanta FEG 450 ESEM, 
FEI) by attaching the microscope slide directly on the stud. We adjusted the pressure inside the 
chamber to be 0.98 Torr and the accelerating voltage to 5 kV. The distance between the sample 
and e-beam, working distance, was 9 mm. Initially, we used low magnification to identify the 
targeted area and further increased up to 1600X on the targeted area. For each ESEM image, the 
pixel dwell time was 10 μs; to assure the entire targeted area is exposed to the e-beam, we also 
probed the surrounding area, which took roughly 15 minutes in total. For wet-mode ESEM, we 
used double-sided black tape on the 6  6-mm glass to not only enhance the contrast but also mount 
the sample on the stud being placed on the Peltier stage. The target temperature was 4oC and the 
pressure was 6.1 Torr, which was selected to generate 100% humidity inside the chamber. A 
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(gaseous) secondary electron detector was implemented to generate the image. We used the 
identical settings for the magnification and working distance with the low-vacuum mode. Due to 
the low contrast caused by the water molecules inside the chamber, we increased the accelerating 
voltage to 20 kV.  
 
4.3 Results and discussion 
4.3.1 SHG imaging acquisition and parameter measurements 
Near identical areas of porcine tendon, sample are imaged using SHG microscopy before and after 
ESEM imaging (low-vacuum and wet mode) by using clear fiducials such as a corner or edge of 
fiber bundles to find the similar regions. Wet-mode ESEM maintains the relative humidity up to 
100% in the chamber, thereby preventing evaporation from occurring during imaging. Low-
vacuum mode is intermediate between conventional SEM and wet mode where it does not require 
any metal coating on the sample and allows air inside the chamber at a pressure up to 1.0 Torr 
while imaging. The settings used on the ESEM are referenced from literature [120,121,123,124] 
and not aimed to destroy the sample deliberately. We also prepare the SHG image pair (before and 
after e-beam exposure) without any ESEM imaging for reference, and the sample is left 
undisturbed for approximately the same amount of time as the experiments carried out with ESEM 
imaging. In addition, to analyze the effects of different sample preparation methods, fresh and 
fixed samples are arranged and preserved either frozen or in different stages of dehydration, which 
includes air-dried, ethanol dehydrated, and critical-point dried. These samples are all imaged under 
low-vacuum mode, while wet samples without any treatment are imaged for wet-mode ESEM. 
Due to the optical sectioning capabilities of SHG microscopy, all SHG images are obtained in 3D 
stacks. Details of the experiment are listed in Section 4.2 Methods. The before and after SHG 
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images are compared by measuring selected quantitative parameters including density Id, peak 
spectral intensity Is, and ratio r by a customized MATLAB code. The amount of parameter change 
between the SHG image pairs is represented as mean ± standard deviation. Groups are compared 
with the unpaired two-tailed Student’s t-test for small sample sizes [128], and the significant p 
value is 0.05.  
A representative SHG image 3D stack is shown in Fig. 4.1(a), with each 2D image in the stack 
comprising a grid of cells (16  16 pixels) and a field-of-view of 100  100 μm. In each cell, the 
area fraction referring to the number of pixels under the noise level divided by the total number of 
pixels is counted [16]. As a result, each cell will be given an area fraction value ranging from 0 to 
1, where 0 indicates the entire cell has no SHG signal and 1 means all the pixels in the cell contains 
an SHG signal. The selected yellow boxed area is chosen where the majority of fibers are in a 
uniform orientation, and there are less dark areas. The color map in Fig. 4.1(b) illustrates each area 
fraction value, and the average value from the entire 2D-SHG image represents the parameter 
defined as density Id of the image. The other two parameters, peak spectral intensity Is and ratio r 
[129,130], are obtained in the spatial-frequency domain by applying FT on the selected region 
[Fig. 4.1(c)]. Radial amplitude strength versus angle is plotted [Fig. 4.1(d)] by radially integrating 
the intensity profile from 0o to 180o along each angle and the maximum value is defined as peak 
spectral intensity Is. On the spatial-frequency domain image [Fig. 4.1(c)], we remove low-intensity 
pixels before intensity normalization and conversion to a binary image [Fig. 4.1(e)]. This image is 
fitted to an ellipse, and the ratio r is calculated, which is the length of the long axis α to the short 




Figure 4.1: Process of extracting quantitative information from 2D-SHG images. (a) The obtained 
3D-SHG stack and a 2D image (100  100 μm) from a single plane. The yellow box indicates the 
selected region where peak spectral intensity Is and ratio r is calculated. On the grid, a cell (16  
16 pixels) shows the scale where the SHG area fraction is calculated. (b) A color map of the SHG 
area fraction of each cell. (c) The spatial-frequency domain image (magnitude spectrum) of the 
yellow boxed region. (d) The plot of the spatial-frequencies strength versus orientation angle and 
peak spectral intensity Is. (e) The binarized Fourier domain and ratio r obtained by measuring the 
ratio of the long axis α to short axis β. Adapted from [24]. 
 
4.3.2 E-beam effects observed in SHG images 
Figure 4.2(a)-(c) shows SHG images of the collagen fibers in fresh tendon samples that are frozen 
[Fig. 4.2(a)], air-dried [Fig. 4.2(b)], and dehydrated [Fig. 4.2(c)] before and after ESEM exposure 
in low-vacuum mode, as displayed in rows (i) and (ii), respectively. Based on the images taken 
before ESEM exposure, we observe under the ESEM row of Figs. 4.2(a)-(c) (i) punctate fiber 
structures, especially in the selected regions of interests shown by the yellow dotted line in each 
image. These dotted squares are the selected regions chosen for measuring Is and r. In Figs. 4.2(a)-
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(c) (ii), after ESEM exposure, fibers generally appear to have a more continuous fiber structure 
and higher SHG intensity. The punctuate feature in SHG images suggest to be an indicator of less 
cross-linked fibers and has previously been observed in immature collagen fibers [45,131] and 
fibers in late gestation stages [14]. This implies that the e-beam in ESEM potentially promotes 
cross-linking between collagen fibers. Enhancing cross-linking by e-beam irradiation is a well-
understood method in manufacturing to improve the mechanical properties and chemical stability 
of polymers [132,133]. This cross-linking is generated as the irradiation induces polymer 
molecules to have an unpaired electron which leads to a covalent bond between free radicals 
[134,135]. Also, there are studies discussing the induced cross-linking on collagen caused by 
gamma and e-beam irradiation [136,137]. However, these studies analyze e-beam exposure on 
different samples, whereas we demonstrate the comparison of collagen fibers before and after the 
ESEM imaging on identical areas using SHG microscopy. Thus, our approach is the first to our 
knowledge to directly observe a potential causal relationship between e-beam irradiation and 
collagen fiber structure. The gaps between the fiber bundles also appear to widen [Figs. 4.2(a) (i), 
(ii)] due to shrinkage effects [138,139]. Both the induced fiber cross-linking and shrinkage 
constantly appear throughout the z-stack, thereby indicating that the observed change in collagen 
fibers is not an artifact of focusing on different planes in the sample. In the SHG image pair without 
any ESEM imaging, we do not observe any difference between initial SHG images taken (‘before’) 
and those taken one day later (‘after’) as shown on the No ESEM row in Figs. 4.2(iii)-(iv). Thus, 





Figure 4.2: Comparison of the SHG images of tendon samples before and after ESEM exposure in 
low-vacuum and wet mode. (a) Frozen samples. (b) Air-dried samples. (c) Ethanol dehydrated 
samples. (d), (e) Hydrated samples. For ESEM exposure (i) and (ii) correspond to before and after 
exposure, respectively. (iii) and (iv) correspond to images taken with the same time interval but 
without ESEM exposure. All compared images are acquired from the identical spatial region. The 
yellow dotted line areas are selected regions for measuring Is and r. Electron voltage for low-
vacuum mode and wet mode is 5 kV and 20 kV, respectively. Scale bar is 20 μm and applies to all 
images. Adapted from [24]. 
 
Figure 4.2(d), (e) illustrates the comparison of SHG images of the collagen fibers before and 
after ESEM exposure in wet mode, as displayed in rows (i) and (ii), respectively. As shown in 
Figs. 4.2(d), (e) (i) and (ii), the overall structure alters, and more dark areas form. As a result, co-
registration of the identical area, imaged before e-beam exposure, becomes extremely difficult. 
Consequently, we choose a wide fibrous area located close to a clear reference region where there 
is little to no irradiation of the e-beam and obtain two images [Figs. 4.2(d), (e)] on the selected 
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fibrous area. This reference region assists with locating the area after ESEM imaging and helps to 
verify that the SHG images observed after e-beam exposure are taken less than 200 μm apart 
compared to those taken before ESEM imaging. The reason for the total structural change could 
be due to the water molecules in the tissue, promoting ionization and chemical breakdown 
[140,141]. As a result, hydrated samples become more vulnerable to beam irradiation compared 
to dried samples. For example, researchers have verified the increase of beam damage on hydrated 
polypropylene [140]. Another reason for the collagen fiber samples being damaged could be the 
increased accelerating voltage (20 kV) used in wet-mode ESEM to compensate for the low contrast 
in ESEM imaging. The time interval between the before and after e-beam exposure of SHG images 
is approximately three hours. Conversely, the SHG image pair obtained with the same time 
interval, but without ESEM imaging, appears to nearly be identical [Figs. 4.2(d), (e) (iii) and (iv)]. 
This indicates that the drying occurring in three hours have a negligible effect on any observable 
collagen structure. 
We further analyze the effects of the e-beam exposure by demonstrating the extreme case of e-
beam-induced damage on the sample using high voltage and magnification, as shown in Fig. 4.3. 
Significant differences are observed for both SHG and ESEM images of the same regions taken 
before and after e-beam exposure, as shown in Figs 4.3(a) and Figs 4.3(b), respectively. The 
sample is intentionally left exposed under the e-beam for approximately one minute under high 
voltage (20 kV) and magnification (> 1600X). The pixel dwell time is 10 μs, and the operating 
ESEM mode is low vacuum. The collagen content decreases, creating craters observed in both the 
SHG [Figs 4.3(a)] and ESEM images [Figs 4.3(b)]. The surrounding areas also change 
substantially, namely the gaps between collagen fibers widen and the SHG intensity in these same 
regions decrease. These results could be potentially attributed to the highly concentrated e-beam 
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Figure 4.3: Tissue damage induced by the e-beam. (a) SHG images of a 
fibrous area before and after e-beam exposure. (b) ESEM images before 
and after e-beam exposure. The setting of the ESEM is 20 kV and 3200X 
for acceleration voltage and magnification, respectively, and the operating 
mode is low vacuum. For visualization purposes, the maximum SHG 
threshold is adjusted. Scale bar applies to all images. Adapted from [24]. 
 
4.3.3 Quantitative analysis of e-beam exposure on the SHG images 
The parameters explained in Fig. 4.1 (Id, Is and r) are measured on the 2D-SHG image pair (before 
and after e-beam irradiation) and the amount of change in these parameters is plotted in Fig. 4.4. 
The calculated parameters on each SHG image are averaged for the entire 3D stack and repeated 
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on frozen, air-dried and dehydrated samples. For the low-vacuum mode [Fig. 4.4(a)] ESEM group 
on fresh samples, Id (10.14 ± 5.83%), Is (17.25 ± 12.60%) and r (17.41 ± 5.06%) all increase more 
than 10%, whereas fibers analyzed without ESEM imaging (No ESEM group) have a change 
smaller than 4% : -3.01 ± 1.64% for Id, -1.36 ± 4.57% for Is and 0.28 ± 2.30% for r. The difference 
between the ESEM and No ESEM groups for Id (p = 0.020) and r (p = 0.006) are shown to be 
statistically significant (p < 0.05). With respect to Is a p value slightly greater than 0.05 (p = 0.074) 
was obtained. The reason for the increase in the parameters after ESEM exposure is likely due to 
the induced cross-linked fibers. Cross-linked fibers have less graininess in SHG images, which 
results in a stronger intensity along the preferred orientation in the spatial-frequency domain 
image. This results in a larger peak in the magnitude spectrum [Fig. 4.1(d)] and also increases the 
length of the major axis and shortens the minor axis in the binarized Fourier domain [Fig. 4.1(e)]. 
In addition, strongly cross-linked fibers appear to have a higher intensity in the SHG image 
compared to less cross-linked fibers. To summarize, the induced cross-linking effect is the cause 
of the change on all three parameters. The density value does not increase as much as the other 
two parameters because of the fiber shrinkage effect widening of the gaps between fiber bundles. 
However, we select areas where fibers occupy most of the image and therefore, the density value 
after e-beam exposure increases. On the other hand, for low-vacuum mode ESEM on fixed samples 
[Fig. 4.4(b)], the parameters change less than 5% both on the ESEM and No ESEM group 
indicating tissue fixation provides resistance of e-beam effect. This complies with previous studies 
conducted on neuronal cells, demonstrating the stability of the fixed samples during ESEM 
imaging [144]. 
Figure 4.4(c) shows the change of average-parameter values caused by wet-mode ESEM. The 
average values are obtained from two broad fibrous areas, each including two SHG images. This 
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is because, as previously mentioned, the e-beam damage of the sample makes it difficult to locate 
identical areas, and thus, broad fibrous areas are chosen. All parameters for the fibers that are 
exposed to the wet-mode ESEM decrease more than 16% (Id  = -16.49 ± 4.30% , Is = -46.65 ± 
15.59%, r = -32.31 ± 3.18%), whereas the No ESEM group parameters (Id  = -3.36 ± 6.62% , Is = 
2.15 ± 9.87%, r = -2.30 ± 2.07%) have minimal change less than 4%. The difference between 
ESEM and No ESEM groups for all parameters are shown to be statistically significant (p < 0.05) 
: p = 0.032 for Id, p = 0.004 for Is and p = 0.00002 for r. The decrease of the density is a result of 
the increasing dark areas, and the other two parameters dropped reflecting the fiber orientation and 
overall structure becoming more diffuse and irregular in the SHG images. Overall, Is and r could 
be used as a measure of the cross-linking occurring in fibers and also to detect damage happening 
on the sample.  
 
 
Figure 4.4: Parameter changes measured from SHG images as a function of ESEM mode and 
sample preparation method. The average changes of the parameters (density Id, peak spectral 
intensity Is and ratio r) resulting from (a) low-vacuum mode ESEM imaging (red; n=3) and with 
no ESEM imaging (blue; n=3) on fresh samples. The value is averaged for the frozen, air-dried, 
and dehydrated samples. Change measured by (b) the low-vacuum mode ESEM imaging (red; 
n=3) and with no ESEM imaging (blue; n=3) on fixed samples. Change caused by (c) the wet-
mode ESEM imaging (red; n=3) and with no ESEM imaging (blue; n=4). The data shown are 




4.3.4 Advantages and limitations of ESEM on collagen fiber imaging 
Figure 4.5 shows the result of preferred fiber orientation analysis using the image gradient method 
[22,145] applied on SHG and ESEM collagen fibers images. This analysis categorizes the 
predetermined gridded regions into anisotropic, isotropic, and dark regions and computes the 
preferred fiber orientation on the anisotropic regions. Representative SHG and ESEM images are 
shown in Fig. 4.5(a) and (b), respectively, and the associated fiber orientation results are in Fig. 
4.5(c) and (d). For the SHG image, 98 cells are detected as anisotropic, and the measured preferred 
orientations match well with the actual fiber orientation. Two cells in the grid are identified as dark 
regions due to the low intensity. For the ESEM image, only eight cells in the grid are determined 
as anisotropic, while the remaining cells are considered isotropic and thus have no preferred 
orientation results. This demonstrates that the intrinsic specificity to fibrillar collagen afforded by 
SHG microscopy makes it a more suitable tool for quantifying individual fiber orientation in 
comparison to ESEM, where the spatial resolution is higher but with little specificity to collagen 
[5].  
In spite of the fiber structure alteration and damage generated by the e-beam, there are unique 
features which highlight the advantages of ESEM, as shown in Fig. 4.5. The identified green boxed 
areas in Fig. 4.5(a) and (b) represent components on the sample surface, which are the remaining 
optimal cutting temperature compound used for embedding the sample, and tangled fibers on top 
of straight fibers, respectively. ESEM also becomes useful for observing features on the nanometer 
scale within the sample [146]. Figure 4.5(c) and (d) are images of interfascicular connective tissue 
[147], which are open spaces between collagen fiber bundles. Interfascicular connective tissues 
are composed of fibroblasts, and numerous blood tissues and studies have investigated age-related 
alterations in the interfascicular matrix [148] and their correlation with mechanical properties 
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[149] and muscle atrophy [150] in tendon. Overall, the aforementioned features are challenging to 
image using an SHG microscope due to the lower resolution and strong collagen type I specificity.  
 
 
Figure 4.5: Comparison of the computed preferred collagen fiber orientation 
applied to SHG and ESEM images. Representative (a) SHG and (b) ESEM images 
of collagen fibers, and (c), (d) their respective calculated fiber orientations. Cyan 
highlights regions with little or no SHG signal, while purple highlights regions 
with spatially isotropic orientation of fibers. Refer to reference [22,145] for details. 





Figure 4.6: Fine features on collagen fiber samples observed in ESEM imaging. The green box 
illustrates (a) the remaining optimal cutting temperature compound and (b) tangled fibers on top 
of straight fibers. Scale bar is 25 μm for both images. (c), (d) Interfascicular connective tissue. 
Scale bar is 5 μm for both images. Adapted from [24]. 
 
4.4 Conclusion 
In this chapter, the effects of ESEM imaging on collagen fibers were analyzed using quantitative 
2D-SHG microscopy. We demonstrated that for frozen, air-dried and dehydrated samples, the e-
beam for low-vacuum ESEM imaging promotes cross-linking between fibers, while fixed samples 
remain unaffected. The analysis was applied throughout the 3D stack showing consistent results. 
For wet samples imaged by wet-mode ESEM, we observed structure degradation. The change of 
structure was quantified by measuring parameters derived from the average 2D-SHG image 
intensity and corresponding spatial-frequency analysis. We observed that these parameters 
increased in low-vacuum mode and decreased in wet mode after ESEM imaging. Furthermore, we 
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confirmed that while ESEM provides higher spatial resolution than optical microscopy methods, 
the specificity to collagen fibers is relatively low. The aforementioned results suggest that to 
further extend ESEM to in vitro applications, thoroughly analyzing its effects on the sample will 
be critical, notwithstanding the advantages of ESEM such as the ability to analyze the non-

























There are a handful of optical imaging techniques that are well-suited to non-invasively image 
fibrillar collagen structures. PL microscopy has been successful in providing 2D high-contrast 
images of these structures, where the intrinsic birefringence of collagen provides an endogenous 
contrast mechanism when viewed between two cross polarizers. This imaging technique helped to 
evaluate the molecular organization and alignment of collagen fibers in different anatomical 
regions and age in ligament and tendon [151–154]. While PL microscopy does not provide 3D 
imaging capabilities, polarization sensitive optical-coherence tomography (PS-OCT), a 
polarization-sensitive, interferometric approach based on the coherence-gating effect [155], has 
been routinely applied to image collagenous tissues in three-dimensions [156–160]. Specifically, 
PS-OCT has been used to obtain morphological information of human skin [159,160] and to 
facilitate detection of diseases including occlusal lesions [156], macular degeneration [157], and 
glaucoma [158]. SHG microscopy is another common technique used for imaging collagen fibers. 
Unlike PL microcopy and PS-OCT, SHG microscopy can generate sub-micrometer 3D images of 
collagen fibers non-invasively. By using these advantages, researchers have implemented 
quantitative SHG imaging to examine the spatial organization of collagen fibers [21–23,161,162], 
which is particularly useful for imaging spatially heterogeneous 3D tissues such as uterine cervix 
[22,162]. 
Various studies show that analyzing collagen organization in 3D is more effective than 2D 
analysis alone [163–165]. For example, researchers have shown that characterizing pathological 
changes caused by fibrosis progression through SHG density and qualitative features over all the 
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images in the 3D stack resulted in more accurate results compared to 2D analysis [163,164]. In 
another study, 3D collagen fiber data were found useful to detect malignancy qualitatively in 
ovarian tissue [165]. On top of these studies, researchers were able to develop methods to extract 
quantitative information directly from the 3D-image data. Liu et al. introduced the 3D orientation 
variance as a parameter to characterize articular cartilage and differentiate cancer breast tissue 
from normal tissue [161,166]. In addition, Lilledahl et al. measured 3D morphological features of 
collagen in cartilage for generalized biomechanical models [167]. Such models aim to predict the 
tissue mechanical behavior based on the structural arrangement of collagen and give the insight to 
understand collagen structure-function relationship [168–170]. In spite of these approaches using 
3D analysis, to the best of our knowledge, no published methodology quantitatively assesses and 
classifies the 3D collagen fiber organization data from natural tissue structures intuitively, i.e., in 
a manner that is consistent with direct visualization of fiber organization. Quantitatively classified 
3D collagen organizations from collagen-fiber images could enhance the accuracy of 
biomechanical models. Also, studies demonstrated that the mechanical properties of ECM, which 
exhibits a complex 3D architecture, has an effect on cellular activities [171,172] and this implies 
proper mechanical property estimations could aid diagnosing physical injuries and disease 
[19,173–176]. 
In this chapter, we demonstrate an algorithm that quantitatively and intuitively analyzes several 
tissue archetypes based on differing arrangements of 3D collagen fiber organization. Herein, we 
define five classifications of 3D collagen fiber organizations, namely, uniform, crimped, random, 
two-fiber family (TFF), and helical, based on their significance to tissue mechanical properties 
[19,66,85,93,106,168,176–184]. We first analyze the preferred 3D fiber orientations on simulated 
volumetric images generated for each classification. Next, we separate 3D-image stacks into 
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volume elements and compute the preferred fiber orientation in each volume element. 
Subsequently, we implement a decision that differentiates each classification by extracting 
quantitative features such as the number of preferred fiber orientations detected in a volume 
element, the 3D spread of preferred orientations, and the type of distribution in the 2D polar plot. 
To validate our results, we apply our decision process to experimentally obtained SHG images of 
porcine tendon cut in three different orientations with respect to the collagen fiber bundles and 
find our results to agree with the physical fiber organization.  
 
5.2 Methods 
5.2.1 3D collagen fiber classification 
We classify 3D collagen fiber organization into five different types identified from common fiber 
arrangements found in biological tissues, as shown in Table 5.1. We define the “uniform” 
classification as fiber organizations that have relatively straight fibers, having a deviation of less 
than 20% relative to the aligned orientation. Tendon, which transmits tensile load and also 
experiences rotational forces, is primarily composed of uniform fibers [19,177,181]. The 
“crimped” classification indicates collagen fibers that have a crimp pattern with more than 20% 
modulation in amplitude with respect to the preferred fiber orientation and is not restricted to a 
single plane. In terms of the mechanical function, crimped fibers help absorb shock and are 
responsible for the low stress, non-linear stress-strain behavior in the so-called toe region that is 
associated with un-crimping [85,176,178,179]. Ligament, tendon and the tumor-stromal interface 
are example tissues that contain crimped fibers [66,85,176,178,179]. The “random” classification 
includes fibers with no particular preferred orientation, as observed in healing skin, tumors and the 
middle zone of cartilage, as examples [66,106,183]. Tissues with random fiber organization 
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usually have a lower stiffness compared to those with uniformly aligned fibers measured along the 
preferred fiber direction and show isotropic mechanical behavior, i.e. have similar mechanical 
properties in all orientations. The “TFF” classification encompasses tissues with two distinct 
families of fibers that align in two preferred directions. TFF organization is found in arterial wall 
tissue, for example [168,184]. The TFF organization leads to anisotropic mechanical behavior of 
the tissue, with larger stiffness along the two major fiber directions compared to other directions. 
Lastly, “helical” classification includes fibers that, as fiber bundles, are aligned in a helical fashion 
in 3D. This fiber organization resists multidirectional forces. The anterior cruciate ligament and 
coronary arterial media [93,182] are both tissues that would be classified as having a helical fiber 
organization. 
 
5.2.2 3D orientation analysis 
We implement a custom MATLAB code that reads multiple images from 3D stacks in order to 
measure the preferred fiber orientation within a volume. A preconditioning step employs Canny 
edge detection algorithm [185] and detects the boundary of the fibers in the image. Next, the filter 
bank method [186] which applies multiple 3D filters in the Fourier domain, calculates the preferred 
3D orientation of fibers in predetermined localized volume elements. A more detailed description 
of the basic code can be found elsewhere [21]. The designated volume elements are grouped into 
the following features: dark, anisotropic, 2-directional, or isotropic. Dark volume elements have 
an average intensity in the volume that is below 12% of the maximum intensity, whereas 
anisotropic, 2-directional, and isotropic have one, two or no detected preferred fiber orientation in 
the volume element, respectively. The preferred fiber orientation is calculated only when the 
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volume elements are anisotropic or 2-directional and saves a single orientation or two preferred 
fiber orientations, respectively. 
 
Table 5.1: 3D collagen fiber classification 
 
 
The code saves the preferred orientation information as two sets of angles (θ, ϕ), referring to 
the respective in-plane (x-y) and out-of-plane (z) preferred orientations, and the corresponding 3D 
vector. To visualize how the fibers are aligned in the volume of interest collectively, we plot the 
preferred 3D orientation data as a 3D histogram, which consists of vector distributions represented 
as 3D arrows [187] in an x-y-z coordinate reference frame. The direction of an arrow indicates the 
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preferred orientation in 3D space, whereas its length represents the number of volume elements 
(magnitude) within the volumetric image with the corresponding 3D orientation. This format 
provides an intuitive visualization of the preferred orientation of fibers and their overall spread in 
a fixed volume in a manner that is consistent with observed image data. 
To quantitatively measure the spread of the fiber direction (the arrows) in 3D space, we employ 






,          0 ≤ 𝑅 ≤ 𝑛,           0 ≤ 𝑆𝑉 ≤ 1 (5.1) 
 
where the length of the resultant R is given by 
 
 

















                     i=1,…,n,  
(5.2) 
 
representing the magnitude of the vector (𝑙𝑖, 𝑚𝑖 , 𝑛𝑖) sum. The vector components 𝑙𝑖, 𝑚𝑖 , 𝑛𝑖 are the 
fiber orientation and n is the number of volume elements, excluding dark and isotropic volume 
elements. The SV ranges from 0 to 1, where 0 corresponds to no spread of the 3D orientations, and 
1 corresponds to completely random organization.  
To represent the preferred 3D orientations in a 2D format, we plot θ and ϕ in a polar histogram. 
On the polar histogram, each bin has a value on the corresponding angular and radial axes. The 
radial axis value represents the number of volume elements that have the preferred orientation 
equal to the corresponding angular axis value. We identify peaks in the θ polar plot based on the 
radial axis values. A peak is defined by initially identifying the radial axis values for each angular 
value and subsequently choosing eight radial axis values that are highest, namely local maxima. 
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We choose eight local maxima because in each z-layer we assumed there would be at most two 
peaks and total four z-layers are analyzed. Next, we calculate the average radial axis value of the 
four neighboring bins, two on each side, for each of the eight local maxima. A local maximum is 
identified as a peak if the average value from the neighboring bins is less than one third of the 
corresponding local maximum value. Supplementary information from the polar plots can be 
determined, such as the mean θ and ϕ angle, peaks in the polar plot being parallel or non-parallel, 
as well as their value and location. 
 
5.2.3 Process of distinguishing 3d collagen fiber classifications 
To organize steps that quantitatively distinguish different the five classifications, we apply the 
3D orientation analysis to 25 different simulated images of each classification. The 25 cases are 
generated by randomly changing the key features of each classification, such as aligned 
orientation, crimp pattern amplitude, and radius of the helix within the defined range. 
Subsequently, we construct a stack of images for each classification that applies the features 
chosen. Based on the information from the 3D orientation analysis on the simulated images, we 
extract quantitative metrics including the volume element labels (anisotropic, 2-directional, 
isotropic), SV, and the number of peaks in the θ polar plot.  
 
5.2.4 Experimental setup 
From a local abattoir, we purchased frozen porcine feet and kept them frozen (−20oC) for less 
than 24 hours. Then the porcine feet were thawed, and deep digital flexor tendon was dissected. 
We prepared three types of samples by cutting the tendon at angles of  0o, 45o, and 90o with 
respect to the orientation of the collagen fiber bundles with a razor blade. We chose to use the 
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digital flexor tendon due to the dense collagen fibers resulting in a strong backward-SHG signal 
[57,58,189] and also because the mechanical properties of tendon are highly related to its function 
[149,177,190]. All three samples were cut from the same tendon with a thickness of ~5 mm each. 
The final step was to embed the samples in optimal cutting temperature compound and cut 5-μm 
thin sections along the surface of the samples to smoothen the surface. 
For SHG imaging, we used a tunable Ti:Sapphire laser (Mai Tai, Spectra-Physics) producing 
100-fs duration pulses and centered at 780-nm wavelength. The 15-mW input power beam focused 
on the sample with a 60X magnification and a 1.0 NA water immersion objective lens (U M PLAN 
FLN, Olympus). The backward SHG signal emitted by the sample traveled through the same 
objective, and a 390-nm bandpass filter (FF01-390/18-25, Semrock) blocked any potential 
autofluorescence from reaching the photomultiplier tube (H10721-110, Hamamatsu). The tissue 
samples were placed in a No. 1.5 cover glass bottom dish (P35G-1.5-20-C, MatTek) and the side 
to be imaged faced the bottom. We imaged all samples in 3D stacks of dimension 80  80  26 
μm, where the step size along the z-axis (axial direction) was 300 nm. To prevent the sample from 
drying while imaging, the sample was partially submerged in phosphate-buffered saline, which 
was collected in the petri dish before imaging.  
 
5.3 Results and discussion 
5.3.1 3D orientation analysis of simulated images for each classification 
Figure 5.1 illustrates the volumetric spatial analysis on the simulated images from the five 
classifications of fiber organizations discussed in Table 5.1. Column (a) through (e) show the 
uniform, crimped, random, TFF, and helical classifications, respectively. Each image consists of 
6  6  4 volume elements that are ~14  14  14 μm. Figure 5.1 row (i) shows the calculated 
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preferred 3D orientation for each classification. Here, we use 3D slicer (4.9.0, BSD-style license) 
[191] to visualize the five simulated fiber organizations; the calculated preferred fiber orientations 
are plotted as arrows overlaid on half of the volumetric image. The yellow arrows indicate the case 
of two dominant preferred fiber orientations in a single volume element. The uniform fiber 
organization shows similar arrow directions throughout the volume compared to the other 
classifications. The arrows in the crimped fiber organization show the crimp pattern while for the 
random fiber organization, there is no identifiable trend in the preferred orientation. The TFF 
organization shows yellow arrows in most of the volume elements, whereas the helical fiber 
organization shows a helical arrangement of arrows. The region labels in Fig. 5.1 row (ii) show 
the result of grouping each volume element into either anisotropic, 2-directional, or isotropic. 
There are no volume elements labeled as dark since our simulated images are intended to have 
dense fibers throughout the volume.  
In Fig. 5.1, the MATLAB code identifies some of the volume elements on the edge of the 3D 
images as 2-directional or isotropic where they should be anisotropic and 2-directional, 
respectively. This mislabeled result came from the sharp contrast between the background and 
fibers at the edge of the volume of interest. Sharp contrast requires an infinite summation of spatial 
harmonic waves to synthesize the edges, but instead, the MATLAB code employed in the analysis 
approximates to a finite number of spatial frequencies [192]. This approximation causes the 
aforementioned erroneous labels; however, the percentage of these inaccurate labels is negligible 





Figure 5.1: Volumetric spatial analysis of simulated 3D fibers. (i) 5 classifications of simulated 
3D fiber organization, where (a)-(e) refers to uniform, crimped, random, two-fiber family (TFF), 
and helical, respectively. For each simulated image, half the volume shows the rendered fiber 
organization and half shows the calculated preferred 3D fiber orientation. The arrows represent 
local preferred fiber orientations, where the yellow arrows specifically indicate the presence of 
two dominant preferred fiber orientations. (ii) Label of each classification of fiber organization per 
volume element as either anisotropic (green), 2-directional (cyan), or isotropic (red). All images 
have the same view angle. 
 
Figure 5.2 shows the further analyzed preferred 3D orientation data of the simulated images for 
each classification illustrated in rows (a) through (e). The 3D orientation histograms are in the first 
column of Figure 5.2, and the projections in the x-y, y-z, and x-z planes are in the same column 
immediately to the right. The colors for each arrow represent their relative magnitude within the 
image, where the colors are blue, cyan, yellow, and red in the ascending order of the relative 
magnitude (see the scale in the lower right corner of Fig. 5.2). The polar plots for θ and ϕ are in 
the second column. The range of each angle (0o<θ<360o, 0o<ϕ<90o) is defined to include the 




Figure 5.2: Quantitative 3D orientation analysis on each simulated collagen fiber classification. 
(a)-(e) represent uniform, crimped, random, TFF, and helical classification, respectively. The 3D 
orientation histogram in the first column is the computed preferred 3D fiber orientations for each 
classification (first column in Fig. 5.1), and the view angle is the same as Fig. 5.1. The 
corresponding x-y, y-z, and x-z projections are adjacent. The color scale in the bottom right 
indicates the relative contribution to a particular preferred orientation. The polar plots in the second 
column indicate the θ and ϕ angles (𝟎𝐨<θ<𝟑𝟔𝟎𝐨, 𝟎𝐨<ϕ<𝟗𝟎𝐨) for the corresponding 3D orientation 
histogram in the first column. A coordinate reference shows the angles θ and ϕ relative to the x, y, 
and z-axes in the top right.  
 
The uniform classification [Fig. 5.2(a)] has a single arrow in the 3D orientation histogram, 
representing the only one fiber direction. The fiber direction according to the corresponding polar 
plots is θ = 180o and ϕ = 80o. The 3D orientation histogram for the crimped classification [Fig. 
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5.2(b)] has two major arrows, which correspond to the crimping directions of a band of fibers. The 
θ polar plot shows that the crimped pattern occurs in a single 2D plane since the θ polar plot has 
two peaks that are 180o apart. The ϕ polar plot for the crimped fiber organization, which reflects 
the out-of-plane angles of the arrows in the 3D orientation histogram, has an angular range from 
55o to 75o. In the random classification [Fig. 5.2(c)], arrows point various directions in the 3D 
orientation histogram and, as a result, there is no particular fiber direction in the θ polar plot. This 
distribution trend is also evident in the ϕ polar plot. The 3D orientation histogram for the TFF 
classification [Fig. 5.2(d)] shows the fiber orientations of the 2-directional grouped volume 
elements (yellow arrows in Fig. 5.1). There are two peaks in the θ polar plot and one angular bin 
in the ϕ polar plot which result from the simulated TFF example having the same two fiber 
directions in all the volume elements analyzed. The helical classification [Fig. 5.2(e)] has four 
dominant arrows in the 3D orientation histogram representing the helical pattern for each z-layer. 
Four peaks are in the θ polar plot, and each peak corresponds to one z-layer of volume elements. 
The peaks in the θ polar plot rotate either clockwise or counter-clockwise as the z-layer increases. 
This characteristic distinguishes the helical from the crimped classification where the peaks in the 
θ polar plot do not rotate along the z-layer. The ϕ polar plot has a single bin since the range of the 
out-of-plane angles among the arrows in the 3D orientation histogram is less than 10o. 
We employ a normalized spherical variance 𝑆𝑉𝑁, which is defined by normalizing the SV to 0.4 
and for the representative classifications is 0, 0.2973, 0.8138, 0.3350, and 0.1508 for uniform, 
crimped, random, TFF, and helical, respectively. 0.4 is the maximum SV from our 3D orientation 
analysis. In the analysis, we limit the volume of the 3D orientation histogram to the upper four 
quadrants in the x-y-z coordinate reference frame (z > 0) so the range of the θ, ϕ angles are 
0o<θ<360o, 0o<ϕ<90o. Thus, no arrows are pointing along the –z direction. Also, we do not 
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consider cases for which the mean ϕ angle is less than 40o because fibers in this range of angles 
can be considered as a 2D organization and also can substantially increase the SV when the 3D 
volume is limited to the upper four quadrants. As a result, the maximum SV is ~0.4, which is when 
the mean ϕ angle is 40o and the θ angles are evenly distributed.  
Figure 5.3(a) shows the averaged volume fraction of each region label (2-directional, isotropic, 
anisotropic) for 25 cases for each classification. The average volume elements labeled as 
anisotropic are more than 85% for all the cases except for TFF classification. The TFF 
classification has more than 85% of 2-directional volume elements. Figure 5.3(b) shows the 
average 𝑆𝑉𝑁 for each classification. The uniform classification has the minimum value, close to 0, 
and the random classification has the maximum value, greater than 0.8. The 𝑆𝑉𝑁 of crimped, TFF, 
and helical classification have a similar 𝑆𝑉𝑁, which is greater than for the uniform classification 
and less than the random ranging from 0.21 to 0.32. 
 
 
Figure 5.3: Quantitative metrics from the 3D orientation analysis for 25 simulated images per 
classification. (a) The average volume composition of volume elements and (b) the average SVN 
for each classification, presented as mean ± standard deviation. 
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5.3.2 Quantitative classification 
Figure 5.4 depicts the quantitative classification process. First, a volumetric image, which has 
one of the already defined five classifications, is input to the classification process and, as a result, 
divided into one of three cases depending on the labeled volume elements (anisotropic, 2-
directional, isotropic). When the volume elements are mostly (> 80%) isotropic, it indicates that 
there is no preferred fiber orientation within each volume element. If the volume elements are 
mostly (> 80%) 2-directional, then the 3D image is classified as TFF. The 3D images that primarily 
have anisotropic volume elements are divided into two groups based on the 𝑆𝑉𝑁. 3D images with 
small 𝑆𝑉𝑁 (< 0.075) are identified as uniform. The 𝑆𝑉𝑁 threshold we adopt, 0.075, is calibrated 
based on our simulation data and for applying the analysis to experimentally obtained images from 
a range of different fibrous tissues, the value may need recalibration from the 3D orientation 
analysis. However, the general trend, which is small 𝑆𝑉𝑁 representing uniform fiber organization 
and large 𝑆𝑉𝑁 representing crimped, helical, and random fiber organization would still be valid. 
3D images that have a 𝑆𝑉𝑁 greater than 0.075 require further analysis, starting with the θ polar 
plot. When there are no peaks in θ polar plot, the 3D-image classification is random. For the cases 
that have peaks, we analyze the corresponding z-layer for each peak. As previously mentioned, 
when the peaks have an order rotating clockwise or counter-clockwise in the ascending z-layer, 
the 3D-image classification is helical. The 3D images that do have peaks in the θ polar plot, but 
do not rotate in the ascending z-layer, are classified as crimped, as do those with a θ polar plot with 
a single peak. Lastly, we note that although in the simulated random classification data the 𝑆𝑉𝑁 is 
greater than all other classifications, we choose not to use 𝑆𝑉𝑁 alone to separate it from the others. 
This is because of the simulated image data used in Fig. 5.3 only considers random cases when the 
preferred fiber orientation in each volume element is uniformly distributed. However, there are a 
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variety of random fiber organizations resulting in a wide range of 𝑆𝑉𝑁, thus relying only on 𝑆𝑉𝑁 
to distinguish random classifications from others could be misleading. 
 
 
Figure 5.4: Decision process for identifying 3D fiber classifications. A volumetric image is 
assumed to have one of the already defined classifications. The image is subsequently sorted into 
one of the three labels, anisotropic, 2-directional, and isotropic. Anisotropic volumes are then 
separated based on their computed SVN, where those with SVN  < 0.075 are identified as uniform, 
and otherwise a volume is classified as crimped, helical, and randomly oriented fibers by further 
analyzing the θ polar plot. 2-directional volumes are classified as TFF. 
 
5.3.3 3D orientation analysis and quantitative classification applied to 3D-SHG images of tendon 
Figure 5.5 illustrates the volumetric spatial results of the 3D orientation analysis for the 
0o(parallel), 45o, and 90o(perpendicular) cut samples, respectively [Fig. 5.5(a)-(c)]. Figure 5.5 
row (i) shows a representative SHG image from the 3D-image stacks, and the 3D rendered images 
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in Fig. 5.5 row (ii) combine multiple 2D images. The preferred 3D orientation arrows overlaid on 
the rendered image show the fiber organization, where the calculated mean ϕ angles are 8.26o, 
49.14o, and 66.13o for the 0o, 45o, and 90o cut samples, respectively. The mean ϕ angle values 
match well with the physically cut angle, where the 2D-SHG images in the first row give a sense 
of the dominant fiber direction through general features, e.g., the length of the discernable fibers 
are longest in Fig. 5.5(a) and shortest in Fig. 5.5(c). The potential angle offset is due to sample 
heterogeneity and fiber misalignment while cutting the sample. Fig. 5.5 row (iii) shows the region 
labels of each sample, where most of the volume elements are anisotropic, and a few are dark and 
isotropic. The considerable amount of dark and isotropic volume elements compared to the 
simulated images in Fig. 5.1 is because of the irregular fibers within the sample and the lower 
contrast in the SHG images. In addition, an inherent artifact caused by the sharp contrast in the 
simulated images mentioned above plays a role in the appreciable amount of non-anisotropic 
volume elements on the edge. There are no volume elements that are labeled as 2-directional in all 





Figure 5.5: Volumetric spatial analysis of SHG images of porcine tendon. Fresh tendon 
samples cut at (a) 0o(parallel), (b) 45o, and (c) 90o(perpendicular) with respect to the 
collagen fiber bundles. (i) A representative 2D-SHG image from the stack and (ii) the 3D 
rendered image where the computed preferred 3D fiber orientations are plotted on half of 
the volume. (iii) Label of each classification of fiber organization per volume element as 
either dark (blue), anisotropic (green), and isotropic (red). All images are in the same view 
angle. Scale bar is 20 μm. 
 
Results from 3D orientation analysis from the tendon SHG images are in Fig. 5.6, where Fig. 
5.6(a)-(c) refers to the 0o, 45o, and 90o cut samples, respectively. The 3D orientation histogram 
is in the first column to the left of Fig. 5.6 and the projections in x-y, y-z, and x-z planes are 
immediately to the right in the same column. The arrow colors (blue, cyan, yellow, and red) 
represent their relative magnitude, and the scale is located on the right in Fig. 5.6. For all three 
cases, the arrows mainly have a small deviation (≤ 40o for both θ and ϕ) with respect to their main 
preferred orientation shown as a red arrow in the 3D orientation histogram. For the 0o cut sample 
[Fig. 5.6(a)], the range of θ and ϕ angles is −90o<θ<90o, −90o<ϕ<90o. This is because the mean 
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ϕ angle is smaller than 40o. When ϕ < 40o, the upper four quadrant range (z > 0) will erroneously 
increase the SV calculation and by converting θ, ϕ  to  θ ± 180o, -ϕ  and changing the angle ranges 
(−90o<θ<90o, −90o<ϕ<90o) the new SV decreases substantially. The polar plots for θ and ϕ in 
the second column have an angular resolution of 10o and are plotted based on the θ and ϕ range 
for each sample. The θ polar plots for all samples have a peak at −20o, 110o, and 60o in Fig. 
5.6(a)-(c), respectively. The ϕ polar plots have a narrow angular range, which reflects the small 
deviation of arrows in the 3D orientation histogram.  
 
 
Figure 5.6: Quantitative 3D orientation analysis applied to SHG images of porcine tendon cut at 
(a) 0o, (b) 45o, and (c) 90o relative to the collagen fiber bundles. The 3D orientation histogram in 
the first column indicates the computed preferred 3D fiber orientation for each sample, and the 
view angle is the same as in Fig. 5.5. The corresponding x-y, y-z, and x-z projections are on the 
right. The relative contribution to a particular preferred orientation direction is indicated by the 
color bar in the right panel. The polar plots in the second column indicate the θ and ϕ angles for 
the corresponding 3D orientation histogram in the first column. The range of the angles are 
0o<θ<360o and 0o<ϕ<90o except for (a) 0ocut case where it is −90o<θ<90o and −90o<ϕ<90o 




Figure 5.7 illustrates the volume fraction of each region label (dark, isotropic, anisotropic) and 
𝑆𝑉𝑁 value for the SHG images of tendon cut at 0
o, 45o, and 90o. In Fig. 5.7(a), the majority of 
the volume elements (> 85%) are determined as anisotropic for all three samples. In Figure 5.7(b), 
the 𝑆𝑉𝑁 value is 0.0875, 0.0853, and 0.0130 for the 0
o, 45o, and 90o cut samples, respectively. 
Based on the classification procedure shown in Fig. 5.4, the 0o and 45o cut samples are classified 
as crimped whereas the 90o cut sample is classified as uniform. This result is because 𝑆𝑉𝑁 for the 
former two cases is greater than 0.075 and has a single peak in the θ polar plot, whereas the 𝑆𝑉𝑁 
for the latter case is less than 0.075 while still having a single peak in the θ polar plot. Studies have 
shown that tendon collagen fiber organization varies with spatial location [94,193,194], which 
explains our results classifying the porcine tendon sample on different locations as uniform or 
crimped. The actual crimping pattern in the SHG images can be found in Fig. 5.5 row (ii)-(a), (b), 
where the preferred 3D orientation arrows change direction throughout the volume.  
 
 
Figure 5.7: Quantitative metrics from the 3D orientation analysis for the SHG images cut at 
0o, 45o, 90o with respect to the collagen fiber bundles. (a) The volume composition and (b) 





In this chapter, we proposed an algorithm to quantitatively classify 3D collagen fiber organization 
directly from volumetric images into uniform, crimped, random, TFF, and helical classifications. 
We demonstrated a method that calculated the preferred 3D fiber orientation on simulated images 
for each classification and subsequently labeled the volume elements into dark, anisotropic, 2-
directional, or isotropic. With regards to the results of the 3D orientation analysis, we implemented 
a decision process that distinguished the 3D collagen fiber classifications based on quantitative 
metrics derived from features such as SV and preferred 3D fiber orientation. Subsequently, we 
applied the 3D orientation analysis to 3D-SHG images of porcine tendon for three samples, each 
cut with a different orientation relative to the long axis of the tendon. Two samples were classified 
as crimped, and the third were classified as uniform. In Chapter 6 & 7, we apply the quantitative 







CHAPTER 6. 3D COLLAGEN FIBER ORGANIZATION ANALYSIS APPLIED ON 
MOUSE EXTRAHEPATIC BILE DUCTS 
 
6.1 Introduction 
The extrahepatic bile ducts (EHBDs) are small tubes connecting to the intrahepatic bile duct 
network at the hilum of the liver and coalescing into a single duct outside the liver; they permit 
bile flow from the liver and gall bladder to the gut. EHBD comprises a layer of biliary epithelial 
cells (cholangiocytes) lining the lumen, and submucosa adjacent to the biliary epithelial cells. The 
submucosa contains collagen, blood vessels, interstitial fibroblasts, and peri-biliary glands. The 
epithelial cells form an impermeable barrier between the lumen and submucosa region. Bile, which 
is primarily composed of water with electrolytes and toxic bile salts, is made by hepatocytes in the 
liver but stored in the gall bladder and released when food is digested; it contributes to fat digestion. 
EHBD malfunction, preventing bile flow, can lead to liver damage due to the accumulation of bile 
in liver. EHBD diseases include biliary atresia is a disease of newborns that is the main cause of 
liver transplantation [195,196]. Other important EHBD diseases include primary sclerosing 
cholangitis and cystic fibrosis liver disease [197,198]. 
Recently, researchers have shown that the EHBD submucosa region consists of a complex 
collagen network surrounding large fluid and glycosaminoglycan-filled spaces [199], and this 
structure changes as a function of age [196]. Specifically, neonatal EHBDs have a small volume 
(less than 1% of the duct area) of scattered collagen fibers whereas, adult EHBDs have a network 
of collagen bundles contributing to more than 20% of the duct area. Understanding the 
development of this collagen network in EHBDs is important to understanding the development 
of diseases such as biliary atresia and establishing methods to cure them. However, there are very 
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few studies conducted on analyzing the growth mechanism of the complex structure of collagen 
fibers in EHBDs. 
In this chapter, we aim to quantitatively investigate the growth of the 3D collagen fibers in 
mouse EHBDs cut near liver and gut in multiple age groups ranging from neonatal to 2-year-old 
mice. SHG volumetric images are collected on the longitudinal and radial plane of the EHBD, and 
we calculated the 3D structure parameters including, dark, ϕ, and SV. The parameters are found to 
gradually change with age and implied that fibers moderately take up space and form a crimp 
pattern when growing. 
 
6.2 Methods 
Mouse (BALB/c) EHBDs of eight age groups (day 2, 4, 5, 6, 7, 10, Adult, and 2-year-old) were 
cut at the liver and gut junction as shown as the red points in Fig. 6.1(a). Each age group had two 
to five samples except for the 2-year-old EHBD cut near liver (n=1). The isolated EHBDs were 
fixed in 4% formalin for 10 minutes and stored in buffer solution until SHG imaging. We obtained 
SHG images at the longitudinal  radial plane of the cut near gut and near liver sample, 
respectively. Fig. 6.1(b) shows a schematic diagram of the EHBD while Fig. 6.1(c) illustrates an 
H&E stained cross-section of EHBD showing the locations of submucosa and epithelium. The 
SHG z-stacks images were collected by a commercial upright microscope (DM 6000, Leica) with 
a 25X 0.9 NA water immersion objective lens with a 4X zoom factor and the dimension for each 
image stack was 140  140  15 μm. Both forward and backward scattered SHG images were 
collected. To observe the general organization of collagen fibers in mouse EHBD, we used the 
same objective lens with a 2X zoom factor, resulting in image stacks of a dimension that is 280  
280  55 μm. All work with mice was in accordance with protocols approved by the University of 
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Pennsylvania per the national institutes of health guide for the use and care of animals. All the 
sample preparation and imaging was conducted at the University of Pennsylvania by a collaborator 
Dr. Jessica Llewellyn.  
 
 
Figure 6.1: EHBD sample (a) removed from liver and gut and (b) imaged on the 




Areas including the boundary and external area were cropped out, resulting in a volumetric 
image of solely the EHBD for the 3D-image analysis. The longitudinal, radial, and circumferential 
axis of the sample was the x, y, and z-axis of the image, respectively. 3D parameters such as dark, 
ϕ, and SV were measured, which indicates the non-collagenous volume, out-of-plane collagen fiber 
angle, and the 3D orientation spread, respectively. Details for measuring the parameters are in 
Chapter 5. 
 
6.3 Results and discussion 
Figure 6.2 illustrates the forward SHG images obtained on the longitudinal−radial plane of the 
EHBDs from each age group. The submucosal area contains collagen fibers mainly aligned along 
the longitudinal direction for all age groups, while the external area has no SHG intensity. The 
submucosal wall thickness increases from 45 to 70 μm with age. The SHG signal intensity is 
noticeably lower in the younger age group (day 2, 4) images as opposed to day 10 and adult group 
images. We use all SHG images from forward detection because backward SHG had low intensity 
in some samples where it could potentially cause misleading results.  
 
 




Figure 6.3 displays representative volumetric spatial results of the 3D orientation analysis for 
days 4, 5, 6, 7, and 10 samples cut near gut. The SHG images in Fig. 6.3 column (i) are the cropped 
out images excluding the external area with no SHG signal. Fig. 6.3 column (ii) displays the 3D 
rendered image for each group while Fig. 6.3 column (iii), (iv) are the SHG 3D-image analysis 
results showing the 3D orientation of collagen fibers as arrows and the region labels for each 
volume element. Note that the dark volume elements gradually decrease with age. Fig. 6.3 column 
(ii)-(iv) all have the same view angle. The size of the SHG image varies by age group since the 
size of the volume chosen to crop out is different in each image however, the volume elements 





Figure 6.3: 3D-SHG fiber analysis in each age group. See text for details. 
 
The measured dark, ϕ, and SV for each age group are shown in Fig. 6.4 as a scattered plot 
format. The error bars refer to the standard deviation. On the scatter plots of the cut near gut 
samples [Fig. 6.4(a)], dark and SV gradually decreases while ϕ increases with age. The parameter 
dark decreasing indicates that the non-collagenous volumes are decreasing, which is reasonable 
since as the collagen fibers grow, they are prone to fill in the empty space in the submucosal area. 
The error bars are wider for days 2, 4, and 5 compared to days 6, 7, and 10 samples, which means 
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the fiber growth rate varies more in the early stage. The ϕ increasing may indicate the fibers 
beginning to align in the circumferential direction but also could be the level of fiber crimping 
increasing as the fibers grow. Lastly, SV gradually decreasing may indicate the range of the fiber 
orientation is wider in the younger samples, and the older samples tend to have more aligned fibers. 
This trend could be the because when the fibers initially start to grow, their orientation is more 
irregular but gradually align to the longitudinal direction with time. The average SV values for all 
the age groups are above 0.1, which indicates that the collagen fibers are not uniform, according 
to the calculation conducted on the simulated fibers in Chapter 5. The plots from the cut near liver 
samples [Fig. 6.4(b)] followed a similar but weaker trend with the cut near gut sample plots.  
3D rendered images from the SHG images of a wider field of view of representative images are 
illustrated in Fig. 6.5. It is clearly observable that the fibers mainly align along the longitudinal 
direction regardless of their age. On the other hand, the amount of crimping becomes more 
pronounced in the older groups compared to the day 2 sample. The crimping pattern is in the radial 
and circumferential direction, which affects the ϕ value to increase in the older sample groups, as 






Figure 6.4: Scattered plot of the 3D parameters versus age group on (a) cut near gut and (b) cut 






Figure 6.5: 3D rendered images of days 2, 7, 10, and 2-year-old EHBD. 
 
There are a few possible reasons why the amount of crimping of collagen fibers increase with 
growth. First, it can be a natural phenomenon as the fibers grow, they become crimped to endure 
the applied external force to protect the EHBDs from failure. Studies have verified that the 
crimping pattern strongly affects the non-linear mechanical behavior of collagenous tissue via 
experiments and modeling [81,85,200–204]. Specifically, when tensile or cyclic load is applied, 
the fibers initially start to uncrimp, which is shown in the toe region of the stress-strain curve. 
Researchers have been able to quantitatively assess the amount of crimping by measuring 
parameters such as the crimp frequency and angle [81,85,200,201]. Another reason for the fiber 
crimping increasing with growth could be the cross-linking. There are quantitative methods to 
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measure the amount of cross-linked fibers using biochemical and nanoscale chromatography [205–
207], and researchers have discovered the differentiation of bone cells affected by the collagen 
cross-linking [206]. For future directions, this chromatographic method could be applied to 
observe the cross-linking affecting the fiber crimping. 
 
6.4 Conclusion 
We applied the 3D collagen fiber analysis on SHG images of mouse EHBD samples cut near 
liver and gut. 3D parameters measured included dark, ϕ, and SV. We found these parameters to 
change with growth (age) gradually. The 3D parameters changing as a function of growth is more 
pronounced on the cut near gut sample compared to the cut near liver sample. The results suggested 
that the fibers grow from day 2 until adult, and as they grow the collagenous volume and the 












CHAPTER 7. 3D COLLAGEN FIBER ORGANIZATION ANALYSIS APPLIED ON NON-
PREGNANT RAT CERVIX 
 
7.1 Introduction 
Cervix is the connective tissue between the uterus and vagina and has canals running throughout 
its entire length, which serves as the passage for delivery during childbirth [208]. The number of 
canals varies by animal, where humans have a single canal while rodents have two canals. The 
ECM of cervix is composed of collagen, glycosaminoglycans (GAGs), elastin, and water [208] 
where the collagen has a spatially heterogeneous 3D organization. This collagen network 
dramatically changes in microstructure during pregnancy [209], making the collagen organization 
not only a spatially but also a temporally heterogeneous structure. Collagen remodels during 
pregnancy, and in terms of the biomechanical function, the cervix tissue becomes soft [209]. Thus, 
investigating how the complex 3D collagen structure of cervix is related to stiffness will provide 
researchers information on the cervix tissue’s structure-function relationship. Also, it will provide 
a guideline of how collagen remodels along different gestational stages, ultimately, leading to 
developing more accurate modalities to predict spontaneous preterm birth (PTB). 
PTB is defined as birth before 37 weeks of gestation, and one out of ten babies born in the 
United States are diagnosed as PTB [22,208]. It is the second leading cause of infant mortality and 
the leading cause of infant mortality for African Americans [22]. Current diagnosing tools measure 
the cervical length macroscopically using clinical ultrasound [210] to predict PTB. However, the 
accuracy of measuring the cervical length is not high, only being useful for negative predictive 
value, and cannot be used to predict PTB in the earlier stage of pregnancy [210]. There is evidence 
that changes in tissue microstructure and function may occur before changing the cervical length 
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[209] suggesting that rather than macrostructure, microstructural changes will be more sensitive 
to signify quantitative information.  
Ultrasound imaging measures the attenuation of the backscattered signal by the attenuation of 
the backscattered signal with depth. The attenuation decreases with increasing hydration, and since 
the hydration percentage changes along pregnancy stages, ultrasound imaging has been used 
frequently in cervix imaging. McFarlin et al. developed a technique referred to quantitative 
ultrasound (QUS), which uses the mean attenuation of the entire cervix; this provides information 
on the water content, collagen content and collagen disorganization as a function of gestational 
age [209,211]. However, ultrasound imaging does not provide 3D structural information of the 
collagen environment. Thus, researchers have applied optical coherence tomography (OCT) to 
measure the dispersion of the fiber bundles in 3D [212,213]. OCT images showed pregnant 
samples having more spatial dispersion than non-pregnant samples, and fibers close to the inner 
canal showed more dispersion than the fibers on the radial edges. However, the resolution of OCT 
is in the micrometer range not being able to resolve the collagen fiber microstructure, which makes 
SHG imaging an appropriate imaging tool providing high resolution both laterally and axially. 
Mahendroo et al. applied SHG imaging during different gestational stages of mouse cervix and 
was able to conduct quantitative measurements using measures such as the SHG signal intensity, 
number of pores (circular regions with no SHG signal), and pore fractional area [14]. In addition, 
researchers have developed endoscopes capable of carrying out SHG imaging and measured 
parameters such as fiber diameter, fractional area, and mean gray value on different pregnancy 
stages of mice [214]. A study carried out by Campagnola et al. used SHG imaging on human 
cervix tissue and calculated the fiber alignment using the curvelet transform and the maximum 
intensity [215]. Lastly, Myers et al. characterized the regional difference in the collagen structure 
88 
 
of human cervix using 2D-SHG images [216]. Notwithstanding the significance of these studies, 
cervix 3D microstructure has not yet been quantitatively assessed and correlated to its mechanical 
function. 
In this study, we analyze non-pregnant rat cervix using quantitative SHG microscopy to 
characterize its 3D collagen organization in localized regions. We separately measure the localized 
indentation modulus and relate them to the 3D structural parameters obtained by SHG imaging. 
Previously, we measured the 3D collagen fiber orientation of cervix and identified the cervical 
ring surrounding the two canals having an in-plane orientation of collagen fibers where the center 
region adjacent to the canals has out-of-plane collagen fibers [22]. We expand this analysis by 
measuring the collagen fiber orientation value and variance in 3D. Using this quantitative 
approach, we find statistically significant difference on predetermined spatial regions of the cervix 
cross-section (ring, near-septum, and septum). We also develop a co-registration method to find 
the indented locations in the SHG image. As a result, we are able to introduce the opto-
mechanogram, displaying both the structural properties through the SHG image and the 
mechanical data by nanoindentation. 
 
7.2 Methods 
Five 12-week-old non-pregnant rats (Sprague Dawley’s) cervixes were harvested and stored in 
−80oC. For experimentation, the sample was kept at room temperature for 10 minutes before 
removing additional external tissue. Next, the tissue was embedded with wood blocks by optimal 
cutting temperature compound. With a cryostat, we cut the cervix 3 mm above the external orifice 
to generate a smooth surface of the cervix. Subsequently, the tissue was glued on a microscope 
slide along with the wood blocks to support the sample while imaging.  
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We used a nanoindenter (Piuma, Optics11) to indent two 25 µm apart parallel lines along the 
medial-lateral axis of the sample. The indentation lines were composed of points that were 25 µm 
apart. The sample was submerged in buffer solution during indentation. To co-register the indented 
regions of cervix with the SHG images that we later obtain, we took multiple bright-field images 
using the camera on the Piuma nanoindenter and stitched them using the ImageJ mosaic plugin. 
The final bright-field image included the entire sample and the adjacent two wood blocks, making 
it possible to locate the indentation lines on the sample. Subsequently, we imaged the sample using 
the SHG microscope and captured a bright-field image. As similar to the Piuma nanoindenter, we 
collected multiple bright-field images and stitched them to generate a single image containing the 
two wood blocks and the sample. This image was matched with the image collected from the 
nanoindenter, and the indented areas were marked subsequently. Next, we collected SHG images 
using the SHG microscope on the cervix cross-section, and the indented areas were marked on the 
SHG image. Finally, we obtained 3D-SHG images in the indented areas. The co-registration 
process is illustrated in Fig. 7.1(a) and cervix sample used for experiments is in Fig. 7.1(b). 
A custom SHG microscope was used for imaging. The sample was illuminated by a Ti:Sapphire 
laser producing 100-fs duration pulses centered at 780 nm and the SHG signal was collected by a 
10X 0.25 NA objective lens. 3D-image stacks were obtained on selected areas with a 60X 1.0 NA 
water immersion objective lens, and the image stacks have a 350-nm z step size. Volumetric image 
parameters including dark, ϕ, circular variance (CV), and SV were obtained. The parameter dark 
indicated the non-collagenous volumes of the region of interest and was obtained by the SHG 
intensity in the image stack. The parameter ϕ represents the angle of the collagen fibers with 
respect to the x-y image plane where 0o and 90o indicate totally in-plane and out-of-plane, 
respectively. The dark and ϕ parameter were measured by calculating the values on each volume 
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element (15  15  15 µm) and calculating the average of the entire volume (90  90  30 µm). 
Details for calculating the parameters are explained in Chapter 5. CV represents the spread of the 
𝜃 angles of fibers and SV represents the spread of fiber orientations in 3D, considering both 𝜃 and 
ϕ. Both CV and SV consider the orientations of all the volume elements in the region of interest. 
The tissue samples were placed in a No. 1.5 cover glass bottom dish (P35G-1.5-20-C, MatTek) 
with buffer solution to keep the sample hydrated while collecting SHG images. 
 
 
Figure 7.1: (a) Co-registration method for the nanoindenter and SHG microscope. (b) cervix 
sample and wood blocks prepared for experiments. 
 
For statistical analysis, we used the paired t-test to compare the mean parameters between any 
two regions (ring, near septum and septum). To estimate the correlation of parameters between 
regions, we calculated the partial correlation coefficients adjusting for the sample effect. 
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7.3 Results and discussion 
We separate the cervix into three distinct regions based on their structural features on the 2D-SHG 
image shown in Fig. 7.2(a). The ring region is defined as the circumferential region of collagen 
fibers surrounding the canals and is anisotropic in terms of fiber orientation, which we have 
previously confirmed using FT-SHG [19]. The septum region is located between the two canals 
and is also identified as anisotropic. The near septum region is located between the septum and 
canals and is identified as isotropic, indicating that there is no preferred fiber orientation. Fig. 
7.2(b) illustrates the FT-SHG results of the corresponding SHG image in Fig. 7.2(a). The 3D-SHG 
image analysis is performed for all three regions. 
 
 
Figure 7.2: (a) 2D-SHG image of the cervix cross-section and (b) the corresponding FT-SHG result 
on the SHG image. Scale bar is 600 μm. 
 
By overlaying the mechanical data on top of the SHG image at the corresponding locations, we 
are able to generate an opto-mechanogram [Fig. 7.3] showing both the structural properties 
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through SHG imaging and the mechanical data by nanoindentation. The opto-mechanogram 
demonstrates that the 2D collagen structure is correlated in the ring, near septum and septum, 




Figure 7.3: Opto-mechanogram. Scale bar is 1 mm 
 
All five samples have a similar range of stiffness, as shown in Fig. 7.4(a), where the right curve 
on each sample is a curve fit of the data, and the bars on the left are the raw data. The indentation 
modulus on each region for all five samples are shown in Fig. 7.4(b) as a box plot. The near septum 
has a significantly higher stiffness compared to the ring and near septum where the ring and septum 




Figure 7.4: (a) Violin plot of the indentation modulus on five cervix tissues and (b) box plot on 
each spatial region. Asterisk indicates they are significantly different. The image was obtained 
courtesy of Amir Ostadi Moghaddam from Amy Wagoner Johnsons group. 
 
Figure 7.5 visually shows representative results of the 3D-SHG analysis in the ring, near septum 
and septum region, respectively. The ring region [Fig. 7.5(a)] displays fiber-like structures on the 
2D image and have in-plane fibers shown on the 3D rendered image indicated as arrows overlaid 
on half of the volume. The volume element results in column (iii) indicate that most of the volume 
elements are anisotropic in terms of fiber orientation. Conversely, the near septum region [Fig. 
7.5(b)] illustrated on the SHG image does not have a fiber-like structure, and the overall SHG 
intensity is lower than the ring region. The 3D orientation of the fibers in near septum [Fig. 7.5(b) 
column (ii)] are mostly out-of-plane. As opposed to ring, near septum region has more dark and 
less anisotropic volume elements. The septum region [Fig. 7.5(c)] has similar results with the ring 
region, displaying a fiber-like structure on the 2D-SHG image, demonstrating in-plane fibers on 
the 3D rendered image, and composed of mainly anisotropic volume elements throughout the 





Figure 7.5: Volumetric spatial analysis of 3D-SHG images 
of the ring, near septum and septum region 
 
Figure 7.6 displays the box plots of the 3D-SHG parameters. In Figure 7.6(a), the average dark 
value for near septum region is close to 60%, which is significantly different (p < 0.05) with the 
ring and septum region. This indicates that the near septum region has much less collagen and a 
higher percentage of other components such as glycosaminoglycans (GAGs). Also, the near 
septum region has a higher ϕ angle compared to the ring and septum region (p < 0.05) shown in 
Fig. 7.6(b), which is consistent with previous literature [22]. CV values also show the same trend 
in Fig. 6(c), where the ring and near septum region are significantly different (p < 0.05) but the 
near septum and septum region are not although having a small p value (0.07). The SV value is 
similar for all three regions, which indicates that the ring, near septum and septum region all have 





Figure 7.6: 3D-SHG parameter value box plots on each spatial region. Asterisk 
indicates they are significantly different. 
 
The 3D structural data from SHG imaging and the mechanical data from nanoindentation have 
a strong correlation, as shown in Fig. 7.7. The indentation modulus has the highest partial 
correlation coefficient with dark (0.922808), followed by ϕ (0.769144) and CV (0.728513). This 
result indicates that the regions which have less collagen content and out-of-plane fibers have a 
higher stiffness. This could be explained as the interfiber network is strengthening the tissue since 
the CV is higher in near septum compared to the other regions, in other words, mean that the 
collagen fibers are more randomly orientated in the x-y plane. In addition, the out-of-plane fiber 
structure itself could be stronger than the in-plane fiber structure on compression. To test this 
hypothesis, we implemented the similar nature of the experiment on tendon tissue cut parallel and 
perpendicular with respect to the fiber bundles and observed the out-of-plane fibers being stiffer 
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than in-plane fibers. Lastly, the higher percentage of GAGs elements in the near septum region 
could have strengthened the collagen since GAGs act as a collagen organizer [208]. 
 
 
Figure 7.7: Correlation of the 3D-SHG structural parameter data with nanoindentation data. 
 
The comparable properties of ring and septum region in 3D structure is reasonable since they 
both serve as the boundary tissue when the pups are delivered and thus undergo similar forms of 
stress. Collagen is the primary load bearing element [5,6] so the form of stress the tissue endures 
can strongly affect its structure. The strong correlation of the structure and mechanical function 
discussed in this study emphasizes the importance of locally measuring the properties of the 3D 
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structure and function and the significance of co-registering the two methods. Due to the similarity 
of the ring and septum region, we can consider the septum to be a part of the ring, and thus rat 
cervix could be divided into the circumferential ring and the endocervical tissue which are the key 
components on human cervix.  
There are a few limitations in terms of experiments in this study, which we can further improve. 
First, there is a co-registration error between the SHG microscope and nanoindenter. The error is 
measured by using microscope slide-grids (1176A82, Thomas Scientific) and comparing the two 
bright-field images obtained by the nanoindenter and SHG microscope. The amount of mismatch 
between the two bright-field images is the error and is ~50 μm for a 6  6-mm dimension. This 
error is primarily generated due to the image stitching, which was conducted manually and can be 
reduced by using advanced commercialized software. In addition, the 3D-SHG images collected 
are a maximum three on each region per sample thus, for future experiments, more 3D-SHG 
images would be needed. Also, the Piuma nanoindenter we implemented on the experiment does 
not have the ability to measure visco and poro-elasticity of the sample, and these properties would 
be useful for more in-depth structure-function relationship studies. 
 
7.4 Conclusion 
To sum up, we conducted 3D-SHG imaging analysis on three spatially distant regions (ring, near 
septum, and septum) of non-pregnant rat cervix. We developed a co-registration method and 
obtained the mechanical properties via nanoindentation on the corresponding regions. There was 
a significant difference between the ring, septum versus near septum region in 3D structural 
parameters including dark, ϕ, and the indentation modulus. Also, the indentation modulus was 
strongly correlated with the 3D-SHG image parameters. This work gives an insight of how to 
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estimate the mechanical properties through the 3D collagen structure quantitatively and helps us 
to understand the structure-function relationship of collagen. Potentially, this work can lead to 























CHAPTER 8. CONCLUSION AND FUTURE WORK 
 
8.1 Summary 
This dissertation addressed two methods for quantitative analysis of collagen fiber organization 
using 3D images obtained by SHG microscopy. The first method was to apply 2D image analysis 
individually on the images from the 3D-image stack by developing new parameters (metrics) and 
algorithms. The second method was to apply 3D-image analysis directly to the volumetric image 
by expanding the parameters in 3D. These quantitative methods were applied on various types of 
tissues to assess collagen fiber crimp pattern, evaluate fiber damage, quantify fiber growth, and to 
find potential correlation in 3D collagen organizational structure with intrinsic biomechanical 
properties. 
A quantitative assessment of fiber crimping in ligament tissue was the subject of the initial 
study. A simple algorithm built based on FT-SHG was implemented to quantitatively distinguish 
the fiber crimp pattern into three distinct classifications: CAT A, B, and C. CAT A referred to 
fibers with little or no observed crimp, where CAT B is defined as fiber crimps confined in-plane. 
Crimps that are out-of-plane were designated as CAT C. The algorithm computed the non-collagen 
regions and the collagen fiber alignment by measuring the intensity in the spatial domain and the 
intensity distribution in the spatial-frequency domain, respectively in the 2D images of the 3D 
stack. This work also revealed the fiber structure variation along the z-axis and the presence of a 
helical crimp pattern. Fiber crimping strongly affects the mechanical behavior of the tissue; thus, 
the results of this study could help researchers estimate the mechanical behavior of the tissue 
without any direct (potentially invasive) mechanical testing.  
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In another study, quantitative SHG imaging was used to assess the impact of ESEM imaging 
on collagenous tissues. Tendon tissue samples were prepared under different types of processes 
(frozen, air-dried, dehydrated, wet, and fixed) and SHG images were collected before and after 
ESEM imaging. For this study the parameters introduced were density Id, peak spectral intensity 
Is, and ratio r, and were derived from the average SHG intensity and corresponding spatial-
frequency analysis. The measurements were applied on the 2D-SHG images throughout the 3D 
stack. Our results suggested that e-beam irradiation from ESEM induced cross-linking on frozen, 
air-dried, and dehydrated collagenous fibers as well as structure degradation on wet samples. On 
the other hand, fixed samples remained unaffected. These structural alterations were quantitatively 
assessed, where the aforementioned parameters increased for the dehydrated samples and 
decreased for the wet samples. The higher spatial resolution of ESEM imaging compared to SHG 
imaging was also confirmed although the specificity to collagen fibers was relatively low. This 
work provided a guideline on how to prepare samples to minimize sample damage under e-beam 
irradiation (for ESEM) and also demonstrated how quantitative SHG imaging could be used to 
evaluate tissue damage. 
Finally, the quantitative analysis was extended to three-dimensions to analyze the 3D collagen 
fiber organization. Initially an algorithm that interprets 3D collagen structure quantitatively was 
implemented in a manner that is consistent with direct observation. The five classifications of 3D 
collagen organization (uniform, crimped, random, TFF, and helical) were from natural collagen 
fiber structures and chosen based on their mechanical properties. From simulated images, the 
algorithm quantitatively distinguished each classification successfully by computing the 3D fiber 
orientation and spread. To confirm the analysis, SHG images of tendon tissue were tested and 
found to be in strong agreement between the results of the classification algorithm and the physical 
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fiber structure. This 3D fiber analysis was applied to mouse EHBD to assess fiber growth and to 
non-pregnant rat cervix tissue to find correlations of the 3D collagen structure with biomechanical 
properties. In EHBD, the 3D parameters applied, dark and ϕ gradually decreased and increased, 
respectively as a function of fiber growth. This result implied that as fibers grow, the non-collagen 
volume decreased because the fibers occupied an increased amount of space, while fiber crimping 
increased, which was verified by the 3D rendered images. In non-pregnant cervix tissue, 3D-SHG 
analysis was applied to three spatially distinct regions (ring, near septum, septum). The indentation 
modulus was also acquired from the corresponding regions thanks to a co-registering method we 
developed. The ring and septum region were found to be significantly different with the near 
septum both in terms of the 3D structural parameters (dark, ϕ) and also with respect to the 
indentation modulus. The two types of data strongly correlated indicating that the regions with 
out-of-plane fibers and less collagen content has a higher indentation modulus. The results of this 
study stressed on the importance of localized quantitative 3D measurements of the structure and 
co-registering with their mechanical function. Potentially this work can help researchers analyze 
the collagen remodeling process during pregnancy and eventually help to improve current preterm 
birth prediction methods through an understanding of structure-function relationship in cervix. 
The results of the work carried out in this study was used to generate a catalog of useful 
quantitative SHG metrics shown as table 8.1. The first column is the collagen features of interest, 
the next column is the SHG metrics that provides information on the features of interest, and the 
last column is the types of tissues that have been explored. The usefulness of the metrics is 





Table 8.1: Useful quantitative SHG metrics. The bold text indicates the work covered in this thesis. 
 Features of Interest 





Collagen density F/B ratio, Intensity 
Artery, Bone, Breast, 
Cervix, Colon, 
Kidney, Liver, 
Ovary, Cervix, Bile 
duct 
Fiber crimping 
Crimp patterns, Crimp 
angle 
Ligament 
Fiber (fibril) diameter F/B ratio, Fiber diameter Cervix, Ovary 
Fiber orientation, Alignment 
F/B ratio, (3D) 
Orientation, Spread 
Bone, Breast, Colon, 
Ovary, Skin, Tendon, 
Bile duct, Cervix 
Pores 
 
Pore distance, number, 
size, (3D) Porosity (<-> 




Proportion of collagen Intensity ratio Lung, Skin 
χ2 
Chirality, Ratio of χ2 
component 
Breast, Ovary, Skin 
Extrinsic 
Factor 
Collagen density Intensity Cornea, Skin, Tendon 
Cross-linking 
Peak spectral intensity, 
Ratio 
Tendon 
Proportion of collagen Intensity ratio Skin 
 
 
8.2 Future directions 
As a direct extension of the work on rat cervix explained in Chapter 6, we expect to apply the 3D-
SHG analysis on different gestational stages of pregnant rat samples. As previously mentioned in 
Chapter 7, collagen structure in cervix tissue remodels during pregnancy, and it is unknown how 
the remodeling affects the tissue softening. By using our co-registering method of SHG imaging 
with nanoindentation, the structure-function relationship will be assessed quantitatively as a 
function of time. Also, the results can be compared to the recent discoveries of quantitative 
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ultrasound (QUS). QUS provides measurements of the cervical environment at the macroscale, 
which was found to have a strong positive correlation between the ultrasound signal attenuation 
and spontaneous preterm birth [209,211]. By combining 3D-SHG analysis with nanoindentation 
and QUS, researchers will have better insight on collagen remodeling during pregnancy, and the 
effects of this remodeling on intrinsic mechanical properties.  
In addition, 3D-image analysis can be applied to other imaging modalities such as third-
harmonic generation (THG) microscopy. Similar to SHG, THG is a non-linear process where the 
incident light of a specific wavelength excites the sample and emits light at exactly one-third of 
the incident wavelength [42]. The advantages of THG imaging include high lateral resolution and 
optical sectioning capability, which exceeds the performance of SHG microscopy due to the 
similar nature of the signal generation while having a longer excitation and shorter emission 
wavelength. Unlike SHG, THG requires structure inhomogeneity of the sample due to the 
destructive interference of the signal on the focal spot [42]. This makes THG imaging sensitive to 
interfaces of the sample, making it a more general imaging modality as opposed to SHG 
microscopy, which is sensitive to only non-centrosymmetric structures like collagen. There are a 
few studies on THG imaging applied to biological samples [217–219], however the quantitative 
analysis applied is very limited. Recently, we were able to demonstrate THG imaging of unstained 
breast tissue biopsies and quantitatively analyze lymphocytes adjacent to tumor cells. Further 











Breast tissue biopsy has been the gold standard for assessing breast tissue pathology and detecting 
breast cancer, which is one of the most prevalent diseases among women worldwide and also a 
major proponent of cancer-related deaths [220]. Typically in this process, breast tissue sections are 
obtained and prepared for subsequent examination by a pathologist using bright-field microscopy. 
Due to its optically transparent nature, formalin-fixed, processed and sectioned breast tissue 
requires exogenous staining for visualization. Even though this provides color contrast to the 
nucleus, cytoplasm, and surrounding tissue components, tissue staining can affect the integrity of 
the biological sample, is time-consuming, and creates various artifacts [221]. In this section, we 
introduce THG imaging as a potential label-free imaging technique to facilitate analysis of breast 
tumor tissue biopsies.  
    THG is a third-order non-linear process wherein incident light of a certain frequency is 
converted to scattered light at exactly three times the incident frequency.  The third-harmonic 
signal is generated from a tightly focused short-pulsed laser beam and is a consequence of the 
third-order non-linear susceptibility χ3 of the material. The first demonstration of which was 
carried out on gasses by New et al. [222]. Although all materials exhibit χ3, due to the destructive 
interference of the signal generated upon focusing [42], a structural inhomogeneity is required to 
produce a non-canceling third-harmonic signal in bulk materials. Similar to SHG, THG is 
generated only near the focal point, which leads to both high lateral resolution and optical 
This work was previously published in W. Lee, M. M. Kabir, R. Emmadi, and K. C. Toussaint, 
Jr. [61], and is adapted here with permission 
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sectioning capabilities and facilitates the construction of 3D volumetric images [223]. For THG 
imaging, long excitation wavelengths can be utilized to increase depth penetration in tissues, while 
reducing the likelihood of any photodamage. THG imaging on biological structures was first 
demonstrated on live chara plant rhizoids in 1997 by Squier et al. [224]. Subsequent studies [217–
219] have used THG to image lipid bodies in hepatocytes, blood vessels, and white-matter 
structures within the brain simultaneously as well as to identify differences in the granularity of 
leukocytes in vivo. This section introduces backward THG imaging microscopy to image unstained 
healthy and malignant breast biopsy tissue. In addition, as a comparison, we perform standard PL, 
phase contrast, and bright-field microscopy imaging on the same samples. Moreover, by applying 
a simple image analysis technique on the obtained THG images, we report the detection of tumor 
associated lymphocytes (TLs) in unstained malignant breast tissue sections.  
 
A.2 Methods 
A.2.1 Sample preparation 
Breast tissue microarray (TMA) samples are purchased (T088bs, US Biomax). These comprise of 
24 1.5-mm diameter cores of formalin-fixed, paraffin-embedded breast invasive ductal carcinoma 
with paired normal breast tissue samples, sectioned at 5-μm thickness and mounted on glass slides. 
Of the two adjacent TMA sections obtained, one is stained with H&E while the other is left 
unstained. 
 
A.2.2 Third-harmonic generation microscopy 
The experimental setup used for THG microscopy is similar to SHG microscopy. A microscope 
(IX-81, Olympus) is equipped with a tunable Ti: Sapphire laser source (Mai Tai, Spectra-Physics) 
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producing 100 fs pulses at a repetition rate of 80 MHz. The input beam has a wavelength of 945 
nm and is reflected by a 680 nm short-pass dichroic beam splitter (FF670-SDi01, Semrock) onto 
the back aperture of an Olympus Plan N 40X 0.65 NA objective lens (PLAN N, Olympus). The 
same objective is used to focus the beam onto the sample and also collect the backward THG signal 
emitted from the sample. The input laser beam is focused on the interface between air and breast 
tissue to maximize the refractive index interface of the sample [218]. The output signal is filtered 
with a 680 nm short-pass laser blocking filter and a 315 nm band-pass THG filter (FF01-315/15-
25, Semrock). A photomultiplier tube (H10721-110, Hamamatsu) records the THG signal, and an 
8-bit image of 115  115 μm is constructed with a pixel size of 580 nm. For all samples, the average 
power of the laser at the sample is ~ 15 mW. 
To image an entire tissue core, customized codes in Labview and MATLAB are used to tile and 
stitch together individual images. Approximately 200 individual images are needed to construct a 
complete core. In order to mitigate and remove the unwanted contribution of noise, we use a 
threshold above a predetermined noise floor.  
 
A.2.3 Image analysis 
A simple algorithm is developed to identify TLs in THG images of breast tissue. Briefly, TLs are 
approximated as spherical particles [225] with a core of high density of chromatin [226]. In 
addition, the intensity profile across its 2D cross-section is assumed to provide a Gaussian profile. 
Based on these two assumptions, a sample Gaussian profile is constructed by analyzing 
lymphocytes that have been marked by a pathologist in H&E images and compared to lymphocyte 




A.3 Results and discussion 
We apply THG microscopy to image unstained healthy and malignant breast tissue cores. To 
compare the contrast of THG microscopy on such samples to conventional imaging approaches 
used by researchers, images of these same structures are obtained using PL and phase contrast 
microscopy; the neighboring stained cores are imaged with bright-field microscopy. Figure A.1 
summarizes the results, where A.1(a) are images of healthy breast tissue, and A.1(b) shows 
malignant tissue. To identify the internal structures, a smaller 125  100 μm region is magnified 
for each image and shown in Figs. A.1(a) and (b) panels (v)-(viii). From Fig. A.1(a), (b), (i-iv), it 
is observed that THG provides a similar contrast for both healthy and malignant tissue when 
compared to PL microscopy and has a higher contrast when compared to phase contrast images. It 
is observed that a ‘halo effect’ [96,227], which is an artifact of the imaging technique, takes place 
on the boundaries surrounding different morphological features in the phase contrast images. 
Furthermore, unlike PL and phase contrast microscopy, THG is a non-linear three-photon imaging 
technique that can circumvent the restrictions of the Abbe limit [3]. As such THG exhibits a higher 
resolution than the other two methods. For the malignant breast tissue core in Fig. A.1(b) tumor 
nuclei and lymphocytes become apparent while the amount of stroma compared to normal tissue 
reduces significantly. The average THG intensity from malignant breast tissue is found to be 





Figure A.1: Images of (a) normal and (b) grade three malignant unstained breast 
tissue using (i) THG microscopy, (ii) phase contrast microscopy and (iii) PL 
microscopy. (iv) A bright-field, H&E stained image of an adjacent section used 
in (i)-(iii). (v)-(viii) are zoomed-in to selected regions (yellow boxes) of (i)-(iv), 




Figure A.2: Results of lymphocyte detection in a selected region of a malignant core. (a) THG 
image of a breast tissue core, out of which a ~650  300 pixels region is chosen for analysis, as 
shown in (b). The region is scanned from the top left to the bottom right, with a window of 80  
80 pixels shown by the white box. The lymphocyte-rich regions are marked in green. Lymphocytes 
detected by the pathologist on the (c) H&E stained slice is marked as the (d) black box. Scale bar 
is 100 μm. Adapted from [61]. 
 
By using the information summarized in Fig. A.1, we focus on identifying structures within the 
breast tissue, such as TLs. To demonstrate the capability of the algorithm, a ~ 650 300-pixel 
region is scanned by an 80  80-pixel scanning window to detect the ‘lymphocyte-rich regions’ as 
shown in Fig. A.2. If the number of detected lymphocytes within the scanning window exceed a 
predetermined threshold, they are considered as ‘lymphocyte-rich regions’. This procedure is 
applied to part of a malignant breast tissue core [Fig. A.2(a)] and the results are shown in Fig. 
A.2(b). The detected lymphocyte-rich region is marked with a green boundary. Further, to compare 
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the accuracy of the analysis technique, the results are compared to the lymphocyte-rich region 
marked by a pathologist on the adjacent H&E stained breast tissue core [Fig. A.2(c)], the results 
of which are shown in Fig. A.2(d).  
We find that the THG intensity profile from lymphocytes is that of a Gaussian distribution. The 
reason for this could be explained by the refractive index inhomogeneity. THG comes from an 
interface in the refractive index or susceptibility [228]. Thus the focal point of the objective is 
placed on the surface between air and the tissue for maximum signal. The nucleus of a lymphocyte 
is composed of uniform, compact chromatin [3]. Due to a relatively higher refractive index of 
chromatin (n=1.39-1.45) [229], the THG signal emanating from the lymphocyte-air boundary 
reaches the highest value at the center and decreases towards the edge of a lymphocyte. As the size 
of the lymphocyte-air interface is in the micrometer scale, the signal is appreciable.  
We apply our algorithm to the entire core of malignant breast tissue to identify lymphocyte-rich 
regions. These regions are then compared to those identified by a pathologist on a neighboring 
H&E stained core, and the percentage of area overlap between both results are displayed as shown 
in Fig. A.3. The same procedure is repeated for three complete malignant cores on the TMA, and 
the average area of overlap is calculated. 62% of the area identified by the pathologist on a 




Figure A.3: Lymphocyte rich region comparison. (a) Lymphocyte rich regions 
identified by a Pathologist on the H&E stained tissue and (b) lymphocyte rich 
regions detected by the algorithm on unstained THG images. (c) The results of the 
two analyses are superimposed, and the overlapped areas are shown. Adapted from 
[61]. 
 
From the results obtained in our analysis, we identify a few factors to account for the 
discrepancy with the pathologist’s observation (Fig. A.3(a)). In the algorithm developed in this 
work, a lymphocyte is approximated as a spherical particle having a 2D Gaussian intensity profile 
across its cross-section. This means that any lymphocyte that is not spherical in shape or smaller 
than the assumed diameter would possibly not be picked up by the algorithm. The algorithm also 
ignores lymphocytes that are clustered together due to the difficulty in obtaining individual 




In this section, we demonstrated THG imaging of a breast TMA containing unstained normal and 
malignant tissues. We showed that compared to conventional imaging methods such as PL and 
phase contrast microscopy, THG images provided high contrast with respect to phase contrast 
microscopy and avoided the imaging artifacts prevalent in PL microscopy, which impede resolving 
finer structures in the tissue. In addition, we developed a simple algorithm to quantitatively detect 
TLs and identified lymphocyte rich regions in breast tissue. More than 60% of the lymphocyte rich 
region detected by the pathologist overlapped with the regions identified by our analysis. This 
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